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Abstract 

Development of functionally graded constructs via 3D microfluidic 

bioprinting for the regeneration of skeletal defects  

PhD program in Biochemistry ï Cycle XXXVII  

Department of Biochemical Sciences ñAlessandro Rossi Fanelliò, Sapienza 

University of Rome 

Skeletal tissue engineering aims to prevail limitations of traditional treatments for 

bone defects by developing biomaterials that mimic the complex hierarchical 

architecture of natural bone. However, current biofabrication techniques face 

challenges in achieving both structural precision and biological compatibility. A 

major limitation is the lack of scalable methods to produce functionally graded 

materials (FGM) that support cell proliferation and differentiation while 

maintaining mechanical stability. This thesis proposes the development of a 3D 

microfluidic bioprinting platform using oil-in-water (O/W) and water-in-water 

emulsions (W/W) to fabricate porous scaffolds with controlled gradient structures. 

Crucially, integrating low-intensity pulsed ultrasound (LIPUS) stimulation and 

microbubbles (MBs) into the 3D bioprinting process for the first time, a functional 

response for cell growth and enhanced the osteogenic differentiation of skeletal 

stem cells (SSCs) was elicited. The results demonstrate that the 3D bioprinted 

constructs can actively promote effective bone tissue regeneration, addressing key 

limitations of current regenerative strategies, aforementioned. This thesis provides 

a novel, scalable solution for the creation of biocompatible and functional skeletal 

tissue constructs, with significant implications for clinical applications in bone 

repair. 
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Chapter 1 ï Introduction 

1.1 Bone tissue and skeletal regeneration 

Bone is a dynamic and highly specialised structural tissue that fulfils essential 

functions, such as providing support, protecting vital organs and acting as a 

reservoir for essential minerals (e.g., calcium and phosphorus)1. Bone is 

primarily made of collagenous matrix embedded with inorganic mineral 

components, primarily hydroxyapatite (HA), which confer strength and 

flexibility 2. Bone tissue is hierarchically organised in two primary portions: 

compact (cortical) bone, which is dense and forms the outer layer of bone, and 

trabecular (spongy) bone, which is highly porous and found predominantly in 

the epiphyses of long bones and within the vertebrae2 (Figure 1.1). A 

distinctive feature of bone is the capacity for continuous remodelling - a 

physiological process in which osteoclasts resorb aged bone tissue while 

osteoblasts synthesise new bone, maintaining both structural integrity and 

mineral balance in the body3.  

 

Figure 1.1. Structural morphology of bone. The trabecular (left) and cortical (right) portions 

of the femur are shown. 
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Skeletal regeneration is a highly regulated biological process that is activated 

following tissue loss such as fractures. The repair process initiate with an 

inflammatory phase, during which immune cells, including macrophages and 

neutrophils, clear cellular debris and secrete cytokines that recruit 

osteoprogenitor cells to the site of injury4. Subsequently, a soft callus 

composed of cartilage is formed as chondrocytes proliferate. Cartilage is then 

replaced by a hard callus, as osteoblasts deposit new bone matrix in a process 

known as endochondral ossification. The final phase involves remodelling, 

during which osteoclasts resorb excess bone, and osteoblasts refine the 

structure, restoring the bone to the original morphology and mechanical 

function4. This process is orchestrated by a complex interplay of signaling 

pathways, including bone morphogenetic proteins (BMPs), Wnt signalling, 

and vascular endothelial growth factors (VEGFs), which collectively regulate 

cellular differentiation, angiogenesis, and tissue regeneration5. While the body 

has an intrinsic capacity for bone repair, large or critical-sized defects often 

exceed this regenerative ability, necessitating advanced clinical interventions 

to promote healing. 

 

1.2  Skeletal tissue engineering: a regenerative approach to 

overcome limitations in conventional medicine 

Conventional clinical interventions currently addresses bone loss and skeletal 

defects via standard treatment approaches, such as surgical reconstruction and 

implants6. To date, surgical reconstruction is using autologous bone tissue 

which is harvested from another site in the body of the patient and transplanted 

to repair the defect7. However, this approach becomes impractical when the 
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defect size exceeds the available donor tissue or when the condition of the 

patient precludes additional surgery8. Mechanical implants, while commonly 

used in orthopaedic applications, involve the introduction of synthetic or 

metallic materials engineered to restore structural integrity9. Although 

effective, these implants are not without complications, such as inflammation, 

implant failure, or the release of potentially toxic degradation products over 

time10.  

In this context, tissue engineering (TE) represents a cutting-edge approach to 

treat bone loss, offering an alternative to conventional therapeutic strategies11. 

Skeletal TE integrates principles from bioengineering, physics, biology and 

biochemistry, aims to produce biological constructs that mimic and restore the 

functions of bone tissue compromised by disease or injury. The underlying 

paradigm of skeletal TE is based on several key steps (Figure 1.2). Firstly,  

living cells (e.g., stem cells) are harvested from donors or patients12. Typically, 

stem cells are capable of differentiating into specific cell types while 

simultaneously maintaining an undifferentiated state in conditions that do not 

induce differentiation13.  
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Figure 1.2. Rational of skeletal tissue engineering approach. Following the injury, stem cells 

isolated from the patient are expanded, encapsulated in a porous scaffold and cultured in vitro. 

The constructs are matured and implanted to achieve functional bone repair. 

 

In particular, skeletal stem cells (SSCs) are derived from the bone marrow and 

are widely used due to their ability to generate skeletal tissue14. SSCs 

necessitate an adequate physiological milieu for survival; thus, they are seeded 

onto 3D biomaterial-compatible scaffolds. Following implantation of the 

cellular construct into the patient, cells continue to proliferate within the 
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supporting scaffolding structure, thereby stimulating the formation of new 

tissue and promoting repair of the bone defect15. 

 

1.2.1 The importance of skeletal stem cells in bone regeneration 

SSCs represent a unique population of stem cells with the capacity to generate 

multiple components of the skeletal system, specifically directed towards bone 

tissues16ï18. These cells are predominantly located in the bone marrow and 

periosteum and are critical for the lifelong maintenance and repair of skeletal 

tissues17. In contrast to other stem cell types, SSCs display a pronounced 

capacity for self-renewal and differentiation into osteoblasts (bone-forming 

cells), chondrocytes (cartilage-producing cells), and other stromal lineages that 

are essential for the structural integrity and functionality of bone tissue18,19. 

The role of SSCs in bone homeostasis involves replacing senescent or damaged 

cells, while their regenerative capacity is crucial for fracture healing and tissue 

repair20. As introduced in section 1.1, in the event of an injury, SSCs are 

activated and recruited to the affected area, where they differentiate into 

osteoblasts and synthesise new bone tissue19. However, the importance of 

SSCs extends beyond the realm of physiological repair mechanisms. In the 

field of regenerative medicine, SSCs occupy a central position in the 

development of innovative therapeutic strategies for the treatment of bone-

related pathologies, including osteoporosis and degenerative bone 

disorders21,22. In vitro studies have shown that SSCs can be directed to 

differentiate into bone-forming cells when exposed to specific growth factors 

(e.g., BMPs)23. In vivo experiments using murine models have confirmed their 

contribution to fracture healing and bone regeneration24. Clinically, SSCs hold 
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significant potential for enhancing natural repair mechanisms or replacing 

damaged tissue through implantation. Despite these advances, challenges 

persist SSC-based therapies to human applications, particularly in terms of 

controlling their differentiation and ensuring the long-term viability of 

regenerated tissues25. However, ongoing research into the controlled 

manipulation of SSCs, in both in vitro and in vivo, continues to pave the way 

for advancing skeletal regenerative treatments.  

 

1.2.2 The role of scaffolds in skeletal tissue engineering 

Scaffolds for bone tissue engineering are specialised 3D frameworks designed 

to facilitate cellular attachment, proliferation, and osteogenic differentiation in 

both in vivo and in vitro environments26. The mechanical and biochemical 

attributes of the materials employed in scaffold design are of paramount 

importance in ensuring biocompatibility, fundamental requirement for the 

maintenance of cellular viability, and mechanical strength, that mimics the 

properties of native bone27. Crucially, biomaterials used in scaffold 

construction must exhibit not only biocompatibility, but also 

biodegradability28. It is, therefore, essential that cells adhere to, proliferate 

within and expand on the scaffold, forming their extracellular matrix (ECM), 

before the construct begins to degrade. Moreover, the rate of scaffold 

degradation aligns with the rate of new tissue formation to prevent premature 

collapse of the structure29.  

A key feature of scaffolds is their porosity. They must have appropriate 

morphological characteristics, including porosity percentage, pore size 
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distribution, and interconnectivity (Figure 1.3) that are decisive for facilitating 

osteogenic cell migration and enabling vascularisation30.  

 

Figure 1.3. Porosity and interconnections within the scaffold. Porous scaffold with (left) 

dimensions of the pores in orange and (right) dimensions of the interconnections in green. 

 

Porosity, defined as the ratio of void volume to total scaffold volume, is 

indicative of the uniformity of the scaffold structure and is generally 

determined by the fabrication method31. Adequate pore dimensions are 

essential for effective cellular colonisation, while a high degree of 

interconnectivity between pores is necessary for facilitating cell migration and 

the diffusion of molecules31. Permeability is a further critical property, as it 

guarantees the complete colonisation of the scaffold by cells and permits the 

exchange of essential nutrients, gases (e.g., oxygen (O2)) and the removal of 

metabolic waste32. Pore structures that are irregular in their configuration have 

the potential to result in uneven colonisation, which may in turn give rise to 

variability in cellular responses based on the local microenvironment.  
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1.2.3 Biomaterials for bone scaffold design 

A biomaterial is a "material intended to interact with biological systems for 

the purpose of assessing, treating, enhancing, or replacing any tissue, organ, 

or bodily function"33. The selection of biomaterials for bone scaffold design is 

a key factor in the success of skeletal TE. Generally, three main types of 

biomaterials are utilised in the development of skeletal substitute: i) 

ceramics34, ii) synthetic polymers35, and iii) natural polymers36.  

Although ceramic scaffolds are less commonly applied in soft tissue 

regeneration, those based on HA and tricalcium phosphate (TCP) are 

frequently used in bone regeneration, due to their natural mineral composition 

closer in elemental features to the native bone34. These materials are typically 

distinguished by high mechanical rigidity (Young's modulus), low elasticity, 

and a hard, brittle structure. From an orthopaedic perspective, ceramics 

demonstrate excellent biocompatibility due to their chemical and structural 

resemblance to native bone tissue. The interaction between osteogenic cells 

and ceramic scaffolds is vital for successful bone regeneration, as ceramics are 

known to support osteoblast proliferation and differentiation37. Nevertheless, 

the clinical application of ceramics in TE is constrained by their brittleness, 

difficulties in shaping implants, and challenges in controlling their degradation 

rate38,39. 

Various synthetic polymers, including polystyrene (PS), poly-L-lactic acid 

(PLLA), polyglycolic acid (PGA), and poly(lactic-co-glycolic acid) (PLGA), 

are also employed in scaffold manufacturing35. These materials can be 

engineered with specific structural characteristics, and their degradation 

profiles can be precisely adjusted by modifying the polymer composition. 
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Despite these advantages, synthetic polymer scaffolds present certain 

limitations, such as the risk of immune response due to their relatively low 

bioactivity40. 

In contrast, a range of naturally derived materials (e.g., collagen41, gelatin42, 

alginate43, dextran44) have been used in scaffold biofabrication. Unlike 

synthetic polymers, natural biomaterials can result biologically active, and 

typically, promote superior cellular adhesion and growth36. The 

biodegradability of these materials permits the gradual replacement of the 

scaffold by the host cells own ECM as the scaffold degrades. Moreover, 

bioactive molecules such as growth factors (e.g., transforming growth factor ɓ 

(TGF-ɓ) family, BMPs) can be incorporated into these biomaterials to enhance 

cellular activity and promote faster bone healing45. Natural polymer-based 

scaffolds offer the potential to drive innovation in bone scaffold design, 

enabling more effective and personalised treatments for skeletal defects and 

injuries. 

 

1.3 Rapid prototyping in scaffold fabrication 

One of the most significant and effective methods for fabricating 3D constructs 

is rapid prototyping46, a technique utilised in this thesis in conjunction with a 

microfluidic system. Rapid prototyping involves the realisation of 3D objects 

via additive or layer-by-layer material solidification processes. The process 

generally starts with the design of a scaffold model using computer-aided 

design (CAD) software, which allows for the creation of a 3D structure by 

dividing it into a series of cross-sectional layers. For each cross-section, a 3D 
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printer deposits material layer-by-layer, starting from the print bed and 

building up the object in accordance with the 3D design. Each new layer 

adheres to the previous one, ensuring the integrity of the final product46. 

Rapid prototyping can be executed using a variety of techniques, including i) 

fused deposition modelling (FDM)47, ii) precision extrusion deposition 

(PED)48, iii) selective laser sintering (SLS)49, iv) and stereolithography (STL)50 

(Figure 1.4).  

 

Figure 1.4. Different rapid prototyping techniques. FDM employs a heated filament that is 

extruded through a nozzle, which contains a heated element. PED extrudes materials by 

forming fibres on a horizontal surface. SLS employs the use of lasers to sinter powder and 

generate three-dimensional structures. STL employs ultraviolet radiation to induce selective 

cross-linking of photosensitive monomers. 

 

In FDM, a heated, mobile nozzle is used to melt and deposit a polymeric 

filament onto a horizontal surface. The extruded fibres are deposited in 3D 

form, adhering to previously deposited fibres as a result of the temperature 

differential between the extruded and underlying layers47. PED operates 

similarly to FDM; however, it employs the extrusion of materials supplied in 
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the form of granules within heated syringes, thereby facilitating the formation 

of fibres without the necessity of initial filament conversion, which is a 

prerequisite of FDM48. SLS employs the use of an infrared laser beam to sinter 

powder, enabling the construction of structures. The laser raises the 

temperature of the powder to a level that causes it to transition from a solid to 

a liquid state (its glass transition temperature (Tg)), which allows the particles 

to fuse with one another and with the underlying layer. The power and scanning 

speed of the laser have a significant impact on the sintering process49. Finally, 

the STL process employs an ultraviolet (UV) laser to selectively cross-link a 

photopolymerisable liquid monomer, with each layer being created one at a 

time. CAD data are used to direct the laser across the liquid surface, and once 

the first layer is complete, the vertical support is raised to expose a new liquid 

layer for laser exposure until the entire 3D construct is fabricated50. 

The utilisation of rapid prototyping is central for the creation of intricate 

structures with high precision. However, traditional 3D printing techniques 

predominantly utilise metals, plastics, and polymers as primary printing 

materials, often requiring the use of toxic solvents, high temperatures, and UV 

radiation, all of which pose significant risks to living cells51. Consequently, 

there is a growing demand for complementary technologies that employ 

biocompatible materials, capable of supporting cell viability and enabling the 

production of implantable functional tissues. 
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1.3.1 3D bioprinting for personalised skeletal substitutes 

Over the past two decades, the fields of tissue engineering and regenerative 

medicine (TERM) have increasingly focused on the development of biological 

constructs specifically designed to replicate and enhance the functional 

properties of human tissues52. 3D bioprinting technology has emerged as a 

powerful tool, utilising living cells (e.g., SSCs) and bioactive matrices in 

conjunction with biocompatible and non-damaging printing methods to 

fabricate bone-like structures suitable for implantation53 (Figure 1.5).  

 

Figure 1.5. Rational of 3D bioprinting for skeletal tissue engineering. The bioprinting process 

uses a mixture of SSCs and biomaterials as a bioink. This bioink is precisely 3D printed layer 

by layer to create the implant structure. Once printed, the implant is cultured in vitro where the 

SSCs gradually mature and differentiate into bone-cells such as osteoblasts. Through the 

maturation process, the implant develops into a functional 3D skeletal replacement that closely 

mimics natural bone tissue in both structure and function.  

 

This novel technique allows for precise control over the spatial arrangement of 

cells and biomaterials, enabling the creation of highly defined, customised 

scaffolds with specified shapes, compositions, and architectures54. Moreover, 
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bioprinting can be seamlessly integrated with imaging technologies such as 

computed tomography (CT) or magnetic resonance imaging (MRI)55, allowing 

for the production of patient-specific, anatomically accurate constructs52. The 

3D bioprinting process is tailored to preserve the biological function of cells 

by encapsulating them in bioactive materials that promote cell viability, 

proliferation, and differentiation, crucial for bone regeneration53. Despite 

ongoing challenges, 3D bioprinting shows immense promise in TERM, 

particularly in the fabrication of bone grafts and in vitro models that mimic the 

structural and functional characteristics of native bone tissue. As the 

technology continues to advance, 3D bioprinting is poised to become a highly 

efficient and reliable method for producing functional bone tissue constructs. 

 

1.3.2 Microfluidic 3D bioprinting for precise deposition of porous fibres 

One of the principal advantages of 3D bioprinting is the capacity to adapt 

printheads to suit the particular requirements of a given application. In this 

thesis, we have employed a microfluidic printhead, which we were able to 

design and modify to align with the requirements of our experimental 

procedures.  

The need for precise and reproducible control over the morphological 

characteristics of a material has led to the development of a novel method for 

fabricating scaffolds using a microfluidic approach in combination with 3D 

bioprinting techniques56 (Figure 1.6).  
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Figure 1.6. Microfluidic 3D bioprinting. The 3D microfluidic bioprinting paradigm combines 

microfluidic technology with a 3D bioprinting system. In this process, the bioprinter is 

responsible for depositing and arranging the spun fibres, while the microfluidic printhead 

performs various functions, such as mixing and filtering, to customise the fibre composition 

and dimensions. This high level of control over the microarchitecture and 3D arrangement of 

the fibres enables the creation of biologically relevant 3D tissue models, making it a powerful 

tool in TERM. Adapted with permission from57. Copyright © 2024, ACCS. 

 

Indeed, microfluidic technology allows for the creation of optimal mechanical 

properties and homogeneously monodisperse 3D porous structures, which are 

ideal for cell infiltration and colonisation58. This system operates within a 

microfluidic circuit (microfluidic chip), characterised by channels on the 

micrometre scale (ɛm)59. The capacity to control small quantities of fluids with 

high precision and reproducibility represents a significant advantage of 

microfluidics60. The field is undergoing rapid evolution, offering a highly 



  

39 
 

precise and controlled method for the fabrication of uniform 3D porous 

fibres56. This approach allows for the encapsulation of one phase, typically in 

the form of droplets, within another, resulting in the formation of a material 

embedded with droplets that eventually facilitate the creation of pores. The 

process allows the creation of emulsions, which can be employed as a versatile 

strategy for generating porous structures with well-defined characteristics61.  

 

 

1.4 Functionally graded materials to mimic hierarchical bone 

structure 

Porous graded materials, commonly referred to as Functionally Graded 

Materials (FGMs), are advanced structures that exhibit gradual variations in 

composition and intricate hierarchical architectures62. These materials are 

frequently observed in natural systems, including the trabecular spongy bone, 

the localised tissue variations in mollusc shells (e.g. pearl oyster, Cypraecassis 

rufa, and Peristernia incarnate) and certain plant species such as spruce and 

bamboo63 (Figure 1.7). 
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Figure 1.7. Functionally graded structure of bone and bamboo. a) Bone is composed of two 

principal structures: compact (cortical) bone on the surface and spongy (trabecular) bone 

within, which exhibits a foam-like configuration of struts. The structure of compact bone 

comprises osteons and Haversian canals, which encircle blood vessels. Osteons are composed 

of a layered arrangement of mineralised collagen fibrils, which are in turn constituted of 

collagen proteins and HA nanocrystals. b) In bamboo, cellulose fibres are embedded in a 

lignin-hemicellulose matrix, forming hollow prismatic cells. The radial density gradient of 

fibres and the hollow-tube shape contribute to bamboo's flexural rigidity, which is comparable 

to the structural complexity observed in palm. Adapted with permission from63. Copyright © 

2014, Nature Publishing Group. 

 

The compositional gradients in FGMs can be precisely engineered to impart 

tailored multifunctional properties, rendering them highly desirable for a wide 
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range of applications, including biomedical implants, aerospace engineering 

and energy absorption systems64.  

FGMs are particularly advantageous in biological and structural applications, 

offering enhanced functionality in comparison to traditional single-component 

or composite materials. Their heterogeneous mechanical properties enable 

them to replicate the microstructural characteristics of biological tissues62. This 

capability is garnering increasing attention in the field of TERM, where the 

fabrication of scaffolds, bone implants, artificial muscles, and complex organ 

structures with compositional gradients is of great importance for the 

enhancement of cell proliferation and the promotion of tissue growth65. Recent 

advancements in 3D printing technologies have surpassed the limitations of 

single-phase materials. The advent of additive manufacturing (AM) has 

enabled the realisation of multiphase structures with internal variations, a 

process known as Functionally Graded Additive Manufacturing (FGAM)66. 

This method involves a layer-by-layer fabrication process that enables precise 

spatial modulation of material properties, allowing to produce gradient 

structures with specific functionalities66.  

The concept of FGMs with compositional gradients is closely related to the 

droplet size modulation observed in emulsions produced through microfluidic 

devices56. As with FGMs, microfluidic flow rates can be precisely calibrated 

to generate porosity gradients in emulsions, thereby enhancing the structural 

and functional characteristics of the resulting materials. Both approaches 

facilitate the fabrication of advanced, bespoke structures with tailored 

functionalities for a range of applications. 
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1.4.1 Production and control of microfluidic O/W emulsions via 3D 

bioprinting  

Emulsions are dispersions composed of at least two immiscible liquids, where 

one phase is dispersed as fine droplets within the other67. Microfluidic devices 

offer the ability to generate monodisperse droplet emulsions within the 

microchannels of chips, facilitating the production of porous materials by 

removing the internal phase68 (Figure 1.8).  

 

Figure 1.8. Experimental method for the preparation of O/W emulsion. The process involves 

the generation of a suspension of solid particles in a liquid, followed by the incorporation of 

oil droplets into an immiscible liquid to form o/w emulsions. Examples of SEM images of the 

resulting polymer scaffolds are shown. Adapted with permission from69. Copyright © 2021, 

RSC. 

 

Typically, the immiscible phases (commonly aqueous and organic) flow 

through separate microfluidic channels before converging at a constriction 

point. In oil-in-water (O/W) emulsions, the organic phase is dispersed within 

the aqueous phase, producing densely packed droplets at the outlet70. On the 
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other hand, in water-in-oil (W/O) emulsions, the water is dispersed in the 

organic phase71. 

Droplet formation at the constriction in microfluidic devices is driven by 

pressure differentials72. When the pressure at the constriction is lower than that 

within the droplet, the phases are drawn towards the narrowing. By precisely 

controlling the phases flow rates during the 3D bioprinting process, droplet 

size can reach a critical threshold, at which point the pressure at the constriction 

exceeds the internal droplet pressure, leading to spontaneous droplet 

detachment. As the liquid moves towards the outlet, it thins with increasing 

pressure72. The dispersed phase in an emulsion can occupy a substantial 

portion of the total volume, with the maximum packing density of droplets 

determined by the volume fraction of the dispersed phase (ű)73. When ű 

exceeds a critical limit (ű = 0.7474), spherical droplets begin to deform into a 

polyhedral arrangement. An increase in the ű reduces the thickness of the 

continuous phase film surrounding the droplets. Achieving an optimal ű is 

essential for balancing porosity and mechanical stability in the resulting 

matrices. A lower ű results in fewer interconnections with reduced diameter, 

negatively impacting cellular proliferation within scaffolds75. However, 

emulsions are thermodynamically unstable systems that tend to degrade over 

time. The main mechanisms responsible for instability are i) coalescence76 and 

ii) Ostwald ripening77. In coalescence, dispersed droplets merge, forming a 

continuous organic phase on the emulsion surface76. On the other hand, 

Ostwald ripening refers to the growth of larger droplets at the expense of 

smaller ones77. To counteract these effects, surfactants are used to stabilise 

emulsions by lowering the interfacial tension between oil and water. Although 

surfactants delay degradation, they do not entirely prevent this phenomena78.  
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As previously discussed, the precise tuning of microfluidic flow rates allows 

for the modulation of droplet size, enabling the customisation of droplet 

dimensions to suit the desired material structure. This control facilitates the 

assembly of constructs with droplet gradients, which, upon removal of the 

dispersed phase, result in porosity gradients.  Notwithstanding these advances, 

considerable obstacles persist in the fabrication of FGAMs, which continue to 

impede their development. A significant challenge is the use of O/W 

emulsions, but the presence of the organic phase compromises the FGMs 

biocompatibility, rendering them suboptimal for supporting cellular viability79. 

The transition to fully biocompatible water-in-water (W/W) emulsions would 

provide a solution to this limitation, thus enhancing their suitability for 

biomedical applications. 

 

1.4.2 Biocompatible W/W emulsions to overcome limitations of O/W 

systems 

Biphasic W/W emulsions, also known as Aqueous Two-Phase Systems 

(ATPS), are formed in aqueous solutions of at least two hydrophilic yet 

incompatible molecules80 (Figure 1.9).  

 

Figure 1.9. An overview of various types of ATPS with water-water interfaces. a) 

polymer/polymer ATPS, such as polyethylene glycol (PEG)/dextran. b) polymer/salt ATPS, 
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like PEG and magnesium sulfate. c) salt/salt or ionic liquid/salt ATPS, such as lithium chloride 

and lithium bis(trifluoromethanesulfonyl)imide. d) associative ATPS, involving 

polyelectrolyte complexes made of polyanions and polycations in equilibrium with a polymer-

lean phase. Examples of polyanions and polycations are provided. Adapted with permission 

from81. Copyright © 2023, RSC. 

 

These systems typically consist of two polymers (e.g., PEG, dextran82,83) or a 

polymer and a salt like phosphate84, sulfate85 or citrate86. In ATPS, the 

dissolution of hydrophilic polymers of high molecular weight in water at 

appropriate concentrations results in phase separation due to the repulsive 

interactions between the polymers, which overcome the entropy of mixing80. 

At lower polymer concentrations, the solution remains monophasic; however, 

as the concentration increases, spontaneous phase separation occurs. The 

resulting system is comprised of two distinct phases: one phase is enriched 

with one polymer, while the other contains the second polymer80.  

The phase separation is influenced by a number of factors, including pH, 

temperature, molecular weight and ionic strength87. When subjected to 

agitation, biphasic systems form emulsions that are thermodynamically 

unstable due to the excess free energy generated by the interfacial tension 

between dispersed droplets. The emulsions tend to aggregate as the system 

strives to minimise surface area87. It is noteworthy that the interfacial tension 

in W/W emulsions is markedly lower than in O/W emulsions, with a range of 

10-4 to 10-6 N/m88. This is up to 1000 times lower than that observed at typical 

O/W interfaces89. The considerable low interfacial tension presents a 

substantial challenge for stabilising these emulsions, rendering them 
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susceptible to coalescence unless external stabilisation techniques are 

employed. 

Despite the capacity of ATPS systems to replicate porous and complex tissue-

like structures, they encounter challenges in directing specific stem cell 

differentiation, such as osteogenesis. To address this problem, an ultrasound 

(US)-based technology would be ideal to enhance bone regeneration and 

osteogenic differentiation with the aim of regenerating complex functional 

tissues. 

 

1.5  Introduction to LIPUS: emerging technology to engineer 

functional tissues in regenerative medicine 

Low-intensity pulsed ultrasound (LIPUS) consists of sound waves with a 

characteristic frequency greater than 20 kHz. Recently, LIPUS stimulation has 

been used as a non-invasive method for therapeutic applications in 

regenerative medicine90. Notably, LIPUS has been used for the clinical 

treatment of a wide range of skeletal pathologies such as osteoarthritis91, 

tendinitis92, carpal tunnel syndrome93, fracture healing94, but also ischemic 

stroke95, obesity96, hepatic insufficiency97, and other conditions.  

Novel LIPUS-based applications are coming to the fore to guide the 

stimulation of cellular compartments as well as to probe the mechanical 

properties of biomaterials. LIPUS waves have been found to selectively 

influence cell fate, conditioning their behaviour and ultimately their 

functionality98. In particular, LIPUS has demonstrated the ability to influence 

cell morphology through the application of mechanical pressure fields, 
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consequently activating specific cellular pathways and altering gene 

expression99ï101.  

To date, the underlying mechanisms of LIPUS are not fully understood. 

However, a number of studies have shown that following LIPUS-based 

stimulation of cells, a series of biochemical events are triggered at the 

molecular level driving cell proliferation, adhesion, migration, differentiation 

and the production of ECM100ï104. More specifically, LIPUS has been 

demonstrated to foster the release of a gradient of cytokines, growth factors 

and adhesion molecules that enhance the homing of cells105. 

Among the most promising applications of LIPUS is the modulation of the 

physical properties of biomaterials, such as cell membrane permeability, for 

enhanced drug delivery and more. Notably, LIPUS can modulate the release 

kinetics of molecules from specific biopolymers and this approach has been 

shown to be effective in delivering chemotherapeutics to tumours without 

damaging the surrounding healthy tissues106. LIPUS has also been harnessed 

to induce cell differentiation to repair a variety of tissue defects. In a number 

of studies, the use of specific LIPUS parameters including frequency ranging 

from 1 ï 1.5 MHz, intensity between 30 ï 100 mW/cm2 and duty cycle (DC) 

between 5% and 50%, has been reported to direct the differentiation of stem 

cells towards skeletal107, chondrogenic108, and adipose109 lineages.  

 

1.5.1 LIPUS for therapeutic applications 

Typically, the majority of minor injuries are able to heal on their own in a short 

period of time, while major defects and damaged tissues require specific 
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treatment110. Several therapeutic technologies have been proposed to 

regenerate damaged tissues, including the use of LIPUS111. Already used for 

diagnostic imaging, US was introduced as a medical treatment in the 1950s98. 

Further clinical investigations112 resulted in the approval of the use of 

EXOGEN (Ultrasound Bone Healing System) in 1994 by the U.S. Food and 

Drug Administration (FDA). This approach used an ultrasonic beam directly 

focused on the specific defect of interest, in order to accelerate the repair 

process of a lesion such as a fractured bone tissue98. More broadly, therapeutic 

US has been classified into high-intensity focused ultrasound (HIFU, 100 and 

10000 W/cm2 113) and LIPUS (0.03 - 0.1 W/cm2 114). HIFU is employed for 

disrupting diseased tissues and ablating tumours115, as well as for lithotripsy 

(treatment of kidney stones)116. Kidney stones are selectively disintegrated due 

to cavitation triggered by HIFU waves, without affecting the surrounding 

tissues117. On the other hand, LIPUS is mostly applied for the regeneration and 

healing of bone fractures98, but at the same time to also treat conditions such 

as obesity96,118, hepatic failure97 or even brain injury119,120. Although a number 

of studies121ï124 have used acoustic intensities of about 30-100 mW/cm² and 

frequencies between 1 and 1.5 MHz in LIPUS applications, it is important to 

note that this is not a rigid definition. Various studies have reported effective 

LIPUS applications with parameters outside this range125ï128. Therefore, while 

this thesis will focus on the commonly used parameter range, LIPUS can be 

applied effectively under different conditions depending on the specific 

medical application and desired therapeutic outcome. It has been previously 

demonstrated that LIPUS is able to stimulate the active healing of bone defects 

both in animal models and in clinical studies129,130 via the means of mechanical 

stimulation produced by ultrasonic waves. Bone defect healing has been 
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observed to occur with a 40% reduction in healing time and has been associated 

with increased osteogenic activity, protein synthesis and cell 

proliferation107,131. Heckman and co-workers reported a 20-minute LIPUS 

treatment that demonstrated a 38% acceleration in the healing of fresh 

fractures132, while Nolte and colleagues demonstrated a 86% improvement in 

pseudoarthrosis133. The LIPUS parameters used, including frequency, DC, 

energy and intensity134,135, may vary depending on the therapeutic applications. 

Thus, the selection of parameter values is essential to determine the mode of 

transmission of the ultrasonic waves through the tissues and to obtain specific 

biological responses136. A brief introduction to basic concepts relating to 

LIPUS parameters and corresponding properties is therefore provided below.  

  

1.5.2 Biological effects of LIPUS stimuli on cells 

LIPUS has demonstrated significant effects on various cellular processes, 

particularly in SSCs. Notably, LIPUS has been reported to impart a pressure 

field onto living cells, mechanically stimulating and triggering a series of 

signalling cascades ultimately altering gene expression and resulting in 

specific protein synthesis102,111. SSCs are multipotent stromal cells with 

trilineage potential, which are able to differentiate into bone, cartilage or fat 

cells98,137, thus assisting in tissue regeneration. Proliferation and differentiation 

of mesenchymal stromal cells (MSCs) following LIPUS stimulation has been 

previously demonstrated138,139. Although studies have attempted to explore the 

precise mechanisms by which LIPUS exerts bio-effects, these are only partially 

understood. A reported effect of LIPUS is the generation of a local gradient of 

cytokines, growth factors and adhesion molecules, which is postulated to 
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facilitate the homing of SSCs98. This cascade of events is directly connected to 

initial stages of inflammatory response following bone injury. Indeed, during 

the inflammatory phase of the healing process140, cytokines (such as 

interleukin-6 (IL-6)) and growth factors (such as stromal cell-derived factor 1 

(SDF-1)) released from the damaged tissue, facilitate attraction of skeletal 

precursors to the injury site, consequently initiating the bone regeneration 

process137,141,142. Furthermore, a significant influence over cell adhesion has 

been shown for LIPUS stimulation via signalling proteins such as integrins and 

fibronectins143. LIPUS is also able to trigger the release of adenosine 

triphosphate (ATP) within the extracellular space following the opening of 

connexin 43 (Cx43) channels on the plasma membrane, with consequent 

intracellular of Ca2+ deposits144. There is considerable evidence that different 

parameters of LIPUS can guide SSCs towards different cellular targets145,146. 

LIPUS drives osteogenic differentiation by increasing gene expression of 

collagen type I alpha 1 chain (COL1A1), collagen type X alpha 1 chain 

(COLXA1), osteocalcein (OCN), osteopontin (OPN), osteoprotegerin (OPG), 

osterix (OSX), alkaline phosphatase (ALP), and bone morphogenetic protein 

2 (BMP-2)147ï150. In contrast, when stimulated with chondrogenic media, 

human bone marrow stromal cells (HBMSCs) exposed to LIPUS have been 

shown to overexpress transcription factor SOX-9 (SOX9), collagen type II 

alpha 1 chain (COL2A1), aggrecan (ACAN), and tissue inhibitor of 

metalloproteinases 2 (TIMP2)145,146,149. In neuronal regeneration, LIPUS 

increases the expression of brain-derived neurotrophic factor (BDNF) by 

activating nuclear factor kappa-light-chain-enhancer of activated B cells (NF-

əB) via the tropomyosin-related kinase B/phosphoinositide 3-kinase/protein 

kinase B (TrkB/PI3K/Akt) and Ca2+/calmodulin-dependent protein kinase 
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(CaMK) signalling pathways151. Moreover, in the process of adipogenesis, 

LIPUS stimulation increases the expression of adipogenic peroxisome 

proliferator-activated receptor gamma (PPAR-ɔ1) and adiponectin (APN) 

genes in adipose stem cells109, while in hepatocytes it activates the Wnt/ɓ-

catenin signalling pathway, increasing the expression of Ŭ-fetoprotein 

(ŬFP/AFP), cytokeratin 18 (CK18), albumin (ALB) and glycogen152. In 

contrast, there is a lack of data evaluating effects on nervous tissue, where 

LIPUS is known to increase neurotrophic factors through focal adhesion 

kinase/extracellular signal-regulated kinase 1/2 (FAK/ERK1/2) signaling 

pathway153 (Figure 1.10).  

 

Figure 1.10. Effects of stimulation with LIPUS on stem cells: upregulation of gene expression 

in various tissues. LIPUS promotes osteogenic differentiation by increasing gene expression 

of COL1A1, COL10A1, OCN, OPN, OPG, OSX, ALP, BMP-2, and RUNX2. In chondrogenic 

differentiation, SSCs exposed to LIPUS overexpress SOX9, COL2A1, ACAN, TIMP2, and 

CTX-II . In the context of neuronal regeneration, LIPUS increases BDNF expression by 

activating NF-əB via the TrkB/PI3K/Akt and CaMK signalling pathways. Furthermore, in the 

process of adipogenesis, stimulation with LIPUS increases the expression of the adipogenic 

genes PPAR-ɔ1, APN, AcH3, AcH4, and HDAC1, while in hepatocytes it activates the Wnt/ɓ-

catenin signalling pathway, increasing the expression of ŬFP, CK18, ALB, SDF-1Ŭ and 

CXCR4. 
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The biological mechanisms related to osteogenic differentiation are the most 

widely understood and investigated, and it is accepted  that LIPUS further 

promotes osteogenesis via the Ras homolog family member A (RhoA) protein, 

which activates the Rho-associated protein kinase (ROCK)ïcancer Osaka 

thyroid oncogene/tumour progression locus 2 (Cot/Tpl2)-mitogen-activated 

protein kinase (MAPK)- ERK signaling pathway148,149,154ï156. This in turn 

phosphorylates Cot/Tpl2 kinases, which is regulated by ERK/MAPK 

signals150. In addition, ERK/MAPK signalling, together with PI3K/Akt is 

activated by LIPUS, resulting in increased proliferation of MSCs157ï160 

(Figure 1.11). 

 

Figure 1.11. Effects of LIPUS on cells. The mechanical stimulus provided by LIPUS triggers 

mechanoreceptors such as integrins, which mediate cell migration, as well as the Piezo1 ion 

channel, which allows Ca2+ influx and activates mammalian target of rapamycin (mTOR) 

signalling pathways. Subsequently, phosphorylation of signalling proteins occurs, activating 

Rho/ROCK, which consequently stimulates ERK/MAPK signaling. Other signaling pathways 
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may be activated, including PI3K/Akt. These pathways regulate different cellular functions 

such as viability, proliferation, adhesion, migration and differentiation.  

 

Intracellular Ca2+ deposition is also increased as a result of LIPUS exposure. It 

has recently been reported that the osteogenic differentiation process in 

stimulated SSCs occurs by activating voltage-dependent Ca2+ ion channels 

(VGCC)161. Briefly, mechanical stimulation depolarises the cell membrane 

causing activation of L-type VGCC to regulate Ca2+ influx into cells. L-VGCC 

are activated by physical coupling of the Cav 1.1 subunit of the  receptor 

(DHPR) to the receptor (RyR) on the endoplasmic reticulum of cells162. 

 

1.5.3 LIPUS effects on bone tissues 

Bone defects are routinely treated using autologous tissue. However, major 

skeletal defects can be temporarily filled with custom metal implants. Due to 

the lack of biodegradability, mechanical mismatch and insufficient quality, 

research has focused over the last two decades on novel strategies for the repair 

of bone defects163. LIPUS has been proposed as a functional method to 

promote bone growth in clinical practices164, stimulating osteogenesis and 

accelerating bone healing165.  

In recent years, a number of authors have focused on LIPUS-based bone 

regeneration, both in vivo and in vitro. HBMSCs are widely used for this 

purpose due to their capacity for multi-directional differentiation. Costa et 

al.147 reported on the stimulation of HBMSCs with 20 min/day LIPUS 

treatments. In this study, LIPUS has been found to be effective in promoting 
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bone growth in vitro. The researchers hypothesized that LIPUS would enhance 

the ability of HMSCs to differentiate into bone cells, as demonstrated by cell 

viability and proteomic analysis. The results showed that LIPUS induced 

differentiation through specific signalling pathways (such as RhoA/ROCK) 

and gene expression (COL1A1, ALP, OCN, Runt-related transcription factor 

2 (RUNX2), BMP-2, MAPK1/6, OPN). Overall, these findings suggest that 

LIPUS may be able to improve the osteogenic commitment of HMSCs and 

enhance differentiation in the presence of factors that mimic the bone 

microenvironment147. Wei and colleagues166 reported an enhancement of SDF-

1 and CXC chemokine receptor type 4 (CXCR4) in HBMSCs. LIPUS 

treatment using 30 mW/cm2 induced cell migration at the fracture site to 

promote the repair process. An additional study confirmed that LIPUS played 

a key role in cell migration. The use of a FAK inhibitor and ERK1/2 

demonstrated reduced migration of MSCs that was induced by LIPUS 

stimulation167. In a further work168, LIPUS waves were found able to affect the 

osteogenic differentiation of BMSCs. Researchers focused on the variation of 

selected ultrasonic parameters, including the DC (varied between 20-50%). 

Cell viability of the stimulated HBMSCs was similar between the different DC 

evaluated but higher in comparison to the unstimulated control. Gene 

evaluation indicated that after two weeks, LIPUS increased the expression of 

the most well-known osteogenic markers, including integrin beta-1 (CD29), 

CD44 antigen, ALP, COL1A1, and OCN.  

The above-mentioned studies have shown how stem cells treated with LIPUS 

can be guided towards osteogenic differentiation by modulating a number of 

ultrasonic parameters. The described technology represents a promising 

breakthrough therapy for fracture repair and bone regeneration.  
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Although this thesis has mainly focused on LIPUS use for TE, it is important 

to recognise that the available literature on LIPUS in these specific areas is 

currently limited. However, the most advanced and current US techniques and 

applications provide a valuable insight into the future potential of LIPUS. The 

applications discussed in this chapter aim to fill these gaps and pave the way 

for the integration of existing knowledge with future applications of LIPUS. 

The US technologies discussed below have enormous potential to be adapted 

and optimised for exploitation with LIPUS. 

 

1.5.4 US for tissue engineering: US and 3D bioprinting 

The combination of US and bioprinting may have the potential to be used in 

the manufacture of biomimetic tissues for clinical, diagnostic and research-

level applications. US-assisted bioprinting (UAB) is a 3D biofabrication 

approach that uses US waves to preferentially organize cells within 3D 

bioprinted constructs and to mimic the micro-architectural characteristics of 

native tissues169,170. The accurate alignment of cells and extracellular 

constituents is crucial for their biological functionality169. Hence, a system able 

to combine acoustic manipulation during cell printing represents a critical 

improvement in TERM. A number of studies have recently investigated how 

to spatially manipulate cells following 3D scaffold fabrication to simulate 

highly complex and organised tissues. Sriphutkiat et al.171 tested acoustic 

stimulation of cells during 3D bioprinting using a specific structural vibration 

mode of the device. Using C2C12 cells stimulated with an US frequency of 

871 kHz, the authors succeeded in focusing the cells on the central part of the 

3D bioprinted construct to mimic the structure of a capillary. In a further 
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work170, the combination of ultrasonic bulk acoustic waves (BAW) and 

bioprinting allowed a similar cellular manipulation: a multilayer construct of 

the knee meniscus was printed with a circumferential organisation of human 

adipose-derived stem cells (hASC), recreating a scalable biomimetic tissue. 

The authors evaluated the effect of varying the US frequency (between 0.7 and 

2 MHz), the signal source voltage amplitudes from 200 to 400 mV peak-to-

peak (p-p), the viscosity of the alginate-based bioink, and the timing of cell 

alignment. Results revealed a decrease in the space between adjacent cell 

arrays with increasing US frequency. Furthermore, higher amplitudes, lower 

bioink viscosities and increased alignment time resulted in a decrease in array 

width. UAB demonstrated the ability to obtain a custom-made aligned knee 

construct for generating patient-specific architectural patterns of tissue. 

Very recently, a groundbreaking use of US was demonstrated by Kuang and 

colleagues172, applying a US-driven material ink polymerisation coupled with 

3D axis motion. Deep-penetration acoustic volumetric printing (DAVP) 

represents a remarkable advancement in 3D bioprinting. DAVP overcomes 

light-guided polymerisation techniques, which are limited by the optical 

properties of the materials, but rather focuses the energy of focused ultrasound 

(FUS) deep into the substrate to cross-link the printing ink with high accuracy. 

Using viscoelastic inks based on PEG-DA, poly(N-isopropyl acrylamide) 

(PNIPAm) and ammonium persulfate (APS) as a thermal initiator, the 

engineered formulation is able to attenuate the acoustic wave flow, ensuring a 

uniform temperature distribution and a fast, deep curing. The 3D FUS printer 

demonstrated ultrasonic wave penetration depth of up to 295.2 mm, in contrast 

to the limited penetration of only 0.48 mm of light at 405 nm. This technology 
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allows printing to depths of centimetres through biological tissue, opening 

opportunities for future application in minimally invasive medicine. 

Although the synergistic potential of US and 3D bioprinting is still poorly 

explored, the combination of these platforms holds promise to revolutionise 

the biofabrication paradigm. Due to their exceptional characteristics, US waves 

could be used not only following material deposition, but also during 3D 

printing to obtain complex biological structures with active properties.  

 

1.5.5 Future prospects and current challenges in the clinical application 

of LIPUS 

The multifaceted applications of LIPUS in medicine and rehabilitation, as well 

as its crucial role in stimulating biological tissues and promoting regeneration, 

emphasise the clinical relevance of this technology. The non-invasive nature 

of ultrasonic waves makes it a milestone in medical diagnostics, providing 

valuable information on the structure and function of human tissues. Among 

tissue-specific applications, LIPUS has demonstrated effectiveness in not only 

in bone regeneration, but also in osteochondral tissue interface repair, neural 

regeneration and adipose TE. Moreover, other emerging areas of application 

include acoustofluidics manipulation of cells for TE and the integration with 

bioprinting technologies, to guide the spatial organisation of cells into three-

dimensional constructs for customised tissue fabrication. 

Looking ahead, the future possibilities in the synergistic use of 3D bioprinting 

and LIPUS are promising. The integration of LIPUS during the bioprinting 

process, from bioink deposition to construct polymerisation, could generate 
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complex biological structures with active properties. In particular, recent 

studies56,57 have shown how microfluidic technologies integrated with 

biological 3D printing can lead to transformative developments in personalised 

medicine. The easy customisation of microfluidic printing devices can lead to 

the simple integration of piezoelectric (PZT) elements, enabling the precise 

fabrication of microfibres creating complex, biomimetic human tissues with 

LIPUS-driven functional properties. 

The application of LIPUS in TE is promising, but has several limitations that 

may not be underestimated. LIPUS can penetrate deeply into tissues, but 

precise control of the effects is not easy due to several parameters involved, 

including frequency, intensity and DC. Tuning the parameters to achieve the 

desired therapeutic effect can vary significantly between different tissue 

types173. In addition, LIPUS provides a relatively weak mechanical stimulation 

compared to the forces typically required for bone regeneration. This may limit 

its potential to stimulate appropriate bone healing in cases of severe bone 

injury174. Moreover, the mechanical forces applied by LIPUS are often 

modulated through external inputs to enhance its benefits, such as 

microbubbles (MBs), targeted biomaterials, and culture media supported by 

specific factors. This makes LIPUS a technology that may not be powerful 

enough to be used alone148,175,176. As mentioned throughout the introduction of 

this thesis, the precise molecular and cellular mechanisms by which LIPUS 

exert their effects are not fully understood. This results in challenges in fine-

tuning LIPUS protocols for clinical use. 

Ongoing interdisciplinary research and technological innovations, together 

with a more pervasive understanding of the underlying mechanisms of action, 
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may pave the way for the use of LIPUS in personalised and effective healthcare 

solutions. The continued exploration of the influence of LIPUS on various 

tissues and the adjusting of protocols for specific applications will contribute 

to the possible future adoption in clinical contexts for the benefit of patient. 
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Chapter 2 ï Aim of the PhD thesis 

This doctoral thesis aims to develop advanced technologies and methodologies 

for stem cell differentiation and biomaterial patterning using a novel 3D 

microfluidic bioprinting platform. The research here presented addresses 

significant challenges in TE, demonstrating a progressive evolution of 

techniques that continually enhance both the functionality and 

biocompatibility of the developed biomaterials. At the core of this work is the 

engineering of innovative biomaterials and 3D bioprinting approaches 

designed to direct stem cell growth and differentiation. Each stage of the 

project has delivered methodical enhancements that have extended the 

boundaries of current TE strategies. 

The research proposes a unique methodology for the fabrication of porous 

functionally graded scaffolds by the means of a microfluidic-assisted 3D 

bioprinting technique (Chapter 3). This technique use O/W emulsions to 

control the formation of graded pores, essential for mimicking the architecture 

of natural tissues. By fine-tuning parameters such as pore size and distribution 

during the printing process, the scaffolds are designed to offer a supportive 

environment for cell growth. However, despite the ability to create well-

defined and highly controlled porous structures, the materials initially used 

were derived from O/W emulsions, rendering them only partially 

biocompatible. As a result, while the structural properties of these graded 

scaffolds were promising, their limited biocompatibility posed significant 

constraints for long-term biomedical applications. 
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To overcome these limitations, the next phase of the research introduces an 

approach based on W/W emulsions, which replaces the oil component with 

fully biocompatible materials (Chapter 4). This innovation allows for the 

creation of biomaterials with precise and easily tunable porosity, that not only 

provide a suitable environment for cell proliferation but also enable the precise 

patterning of multiple cell types. The ability to modulate pore density and 

distribution plays a critical role in influencing how different cell types grow 

and organise within the scaffold, allowing for enhanced control over cellular 

architecture. However, while these materials successfully fostered cell growth 

within the porous structures, they did not actively induce specific stem cell 

differentiation, a crucial requirement for regenerating complex functional 

tissues. 

To address this challenge, the research incorporates a novel 3D bioprinting 

microfluidic device capable of stimulating stem cells and driving them toward 

osteogenic differentiation (Chapter 5). This system utilises LIPUS integrated 

into the bioprinting process, allowing for the simultaneous fabrication of 

biocompatible scaffolds and the activation of cellular differentiation pathways. 

By combining precise control over the spatial arrangement of porosity with 

targeted LIPUS-stimuli that promote osteogenesis, the scaffolds not only 

support cell proliferation but also guide the cells toward specific functional 

outcomes. This represents a significant advancement in the development of 

biomaterials for tissue regeneration, with a particular emphasis on the context 

of skeletal TE. 
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Note 

The presented thesis is the result of different research projects already 

published or in submission. In particular:  

¶ Chapter 1 is readapted from the published review article in Ultrasound 

in Medicine & Biology  

Marcotulli M. et al. Jingle Cell Rock: Steering Cellular Activity With Low-

Intensity Pulsed Ultrasound (LIPUS) to Engineer Functional Tissues in 

Regenerative Medicine. Ultrasound in Medicine & Biology (2024) 

https://doi.org/10.1016/j.ultrasmedbio.2024.08.016 

¶ Chapter 3 is readapted from the published original article in Advanced 

Materials Technologies 

Marcotulli M. et al. Microfluidic 3D Printing of Emulsion Ink for Engineering 

Porous Functionally Graded Materials. Advanced Materials Technologies 

2201244, 1ï12 (2022) https://doi.org/10.1002/admt.202201244 

¶ Chapter 4 is based on a work that will be submitted to Aggregate  

Marcotulli M, Iacomino A, Serpe F, Iafrate L, Bastioli M, Montalbano G, 

Palmisano B, Franco S, Angelini R, Riminucci M, Ruocco G, Scognamiglio 

C, Barbetta A, Cidonio G, Aqueous two-phase bioinks for discrete packing and 

anisotropic guidance of 3D bioprinted cells, in submission  

¶ Chapter 5 is based on a work that will be submitted to Nature 

Communications 

https://onlinelibrary.wiley.com/journal/2365709X?gad_source=1&gclid=EAIaIQobChMIkq_Lhuu8iAMVP5iDBx03nDOzEAAYASAAEgLdt_D_BwE&utm_campaign=R78D96W&utm_medium=paidsearch&utm_source=google
https://onlinelibrary.wiley.com/journal/2365709X?gad_source=1&gclid=EAIaIQobChMIkq_Lhuu8iAMVP5iDBx03nDOzEAAYASAAEgLdt_D_BwE&utm_campaign=R78D96W&utm_medium=paidsearch&utm_source=google
https://doi.org/10.1002/admt.202201244
https://www.nature.com/ncomms/
https://www.nature.com/ncomms/
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Marcotulli M, Scognamiglio C, Serpe F, Iafrate L, Senturk E, Keller S, De 

Grandi D, Palmisano B, Riminucci M, Ruocco G, Carugo D, Cidonio G, 

Development of a low-intensity pulsed ultrasound print-head to drive the 

differentiation of 3D bioprinted skeletal stem cells, in submission 
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Chapter 3 ï Microfluidic 3D printing of emulsion 

ink for engineering porous functionally graded 

materials  

3.1 Introduction  

FGMs represent a new frontier in material science and engineering. Unlike 

homogeneous materials, FGMs encompass along a single direction a gradation 

in composition and/or microstructure to optimally regulate the local physio-

chemical and mechanical properties on demand177. In the last two decades, the 

potential of FGMs has become increasingly evident as scientists disclosed the 

relationship between the structure and the function of natural materials. From 

a limited number of biopolymers and biominerals, nature has combined 

essential building blocks into materials endowed with exceptional 

biomechanical and physiological properties, vastly surpassing those of the 

component materials taken singularly178.  

The key to such performances is their graded structural organisation. 

Depending on the function performed, natural materials integrate different 

classes of gradients into a complex structural hierarchy involving the local 

arrangement of (i) units characterised by chemical/constituent gradients, (ii) 

building blocks with a spatial distribution of cellular, fibrous, tubular units, 

(iii) structural units such as lamellas, fibrils, grains of varying dimensions 

down to the nanometre level, (iv) orientations of structural building units (e.g., 

successive dispositions of layers with different orientations of components)179, 

(v) gradient interfaces (e.g., junctions), or (vi) integration of multiple gradients.  
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Biomedical science and bioengineering recently benefited considerably from 

FGMs by recapitulating the graded motif present in human tissues, implants 

with graded mechanical and physiological properties closely matching those 

of their natural counterparts could facilitate tissue regeneration or 

reconstruction. Examples of human tissues embodying porous and/or 

compositional gradients are bone and cartilage180. Significant efforts have been 

spent to reproduce the zonal bone porosity consisting of a dense peripheral area 

(cortical bone) that supports the load and mechanical stresses and an inner, 

highly porous zone (trabecular bone) supporting osteoconduction and 

vascularisation. Gradients and pore size distributions in biomaterials can be 

paired with non-uniform chemical compositions. Indeed, cartilage exhibits a 

chemical gradient profile perpendicular to its external surface. The region close 

to the articular bone-cartilage junction is rich in collagen and 

glycosaminoglycans facilitating the lubrification of the joint and the absorption 

of mechanical shocks, while the zone in contact with underlying bone is 

mineralised to induce the growth of bone-forming cells. Crucially, the ability 

to mimic multiple gradients has been found to pivotal to foster the development 

of a mature osteochondral interface.  

 However, the fabrication of such gradients in scaffolding materials 

remains a key challenge. To date, the manufacturing strategies enabling FGM 

synthesis can be grouped into two categories: (i) conventional and (ii) 

advanced processing methods. An example of the first category is the 

ñconstructive processingò, which denotes the stacking of prefabricated 

components in specific sequences. For instance, a porogen can be used to 

create porous layers of different pore densities, and then these layers181 are 

glued together to obtain the desired FGM. Other conventional approaches, 
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such as self-foaming followed by pyrolysis181 or centrifugation182, were used 

to fabricate scaffolds with continuous gradients. However, traditional methods 

allow scarce control over the gradient obtained. An advance route to fabricate 

FGMs involves the use of AM platforms. AM technologies have the potential 

to manufacture FGMs with various graded patterns. In particular, extrusion-

based AM technologies employing multi-nozzles demonstrated remarkable 

versatility in integrating, within the same construct, regions of different 

compositions and porous textures183ï185. This technology has been prevalently 

applied to thermoplastic and ceramic inks. Currently, hydrogel precursor-

based inks are far less adaptable in the fabrication of objects with complex 

overall geometry, such as those bearing concave surfaces and overhanging 

structures, and at the same time, encompassing multiple type of gradients.  

In this article, we present an innovative microfluidic assisted-3D printing 

strategy based on the deposition of an O/W emulsion in a suspending medium 

which enables the manufacturing of complex 3D hydrogel architectures 

integrating multiple zones of different densities and compositions regardless 

of the viscoelasticity degree of the ink.  

 

3.2 Materials and methods  

3.2.1 Materials 

Dextran (from Leuconostoc spp., Mr ~ 70000), gelatin (from porcine skin, 

Type A), HA (nanopowder, <200 nm particle size), dimethyl sulfoxide 

(DMSO), glycidyl methacrylate (GMA), methacrylic anhydride (MA), 

cyclohexane (Ó99.5%), pluronic F-68, 2-hydroxy-4ǋ-(2-hydroxyethoxy)-2-
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methylpropiophenone (Irgacure 2959), fluorescent yellow-green latex beads 

(amine-modified polystyrene), hydrochloric acid (HCl), tin chloride (SnCl2), 

phosphate buffered saline (PBS) and Hanksǋ Balanced Salt solution (HBSS) 

were purchased from Sigma Aldrich. 4-Dimethylaminopyridine (DMAP, 

99%) and APS were obtained by Acros Organics and Fluka, respectively. 

Agarose was purchased from Carbosynth. 

3.2.2 Synthesis of Dextran Methacrylate 

Dextran-methacrylate (DexMA) was synthesised following a previously 

published protocol186. Dextran (10 g) was dissolved in DMSO (90 ml) in a 

beaker. After the DMAP (2 g) dissolution in DMSO, a calculated amount of 

GMA (4 ml, approximately 50% of the moles of dextran repeating units) was 

added. The mixture was allowed to react in the dark at room temperature (rt) 

under mild stirring (100 round per minute (RPM)) for 48 hours. The reaction 

was stopped by adding an equimolar amount of HCl to neutralise DMAP. The 

solution was transferred into a dialysis tube (molecular weight cut-off  

(MWCO) = 1 kDa) and dialysed for five days against deionised water (DW) 

until reaching nominal conductivity (18 ɀɋ cm). The purified DexMA 

solution was frozen (-80 °C), freeze-dried and then stored at 4 °C before use. 

The quantitative analysis of the degree of substitution (DS) was performed by 

proton nuclear magnetic resonance spectroscopy (1H-NMR).  

3.2.3 Synthesis of Gelatin Methacryloyl 

Gelatin-methacryloyl (GelMA) was produced following a procedure published 

elsewhere187. Gelatin (10 g) was dissolved at 10% (w/v) in PBS (100 ml) at 

50°C. MA (0.8 ml per gram of gelatin) was then added to the gelatin solution 
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dropwise under vigorous stirring (500 RPM), and the mixture was allowed to 

react for three h. The GelMA solution was dialysed at 50 °C against DW using 

2 kDa cut-off dialysis tubes for five days until the nominal conductivity of 

water is reached (18 ɀɋ cm). Finally, GelMA was frozen (-80 °C), freeze-

dried and stored at 4 °C until use. 

3.2.4 Supporting bath for 3D printing 

The supporting bath was prepared following an established procedure188. 

Briefly, 0.5 g of agarose was dispersed in 100 ml of DW, reaching a final 

concentration of 0.5% w/v. The agarose was autoclaved (121 °C, 20 min, slow 

discharge) and the warm solution was placed under constant stirring (700 

RPM) for 12 hours. Agarose fluid-gel was stored at rt until use. 

3.2.5 Fabrication of polycarbonate microfluidic chip 

The flow-focusing microfluidic chip was manufactured from polycarbonate 

sheets with the following characteristic dimensions: dispersed and continuous 

phase inlet = 250 ɛm; orifice width = 100 ɛm; output channel width = 500 ɛm; 

channels depth = 100 ɛm; printing nozzle coupled to the outlet channel = 25G. 

The microfluidic chips were fabricated using a procedure reported 

previously189. Briefly, polycarbonate sheets 5 mm in thickness were engraved 

using a computerised numerical control (CNC) milling machine (MSG402, 

ErgWind, Poland). The sheets were sonicated in isopropanol for 30 minutes, 

sealed with a 130 °C hot press again for 30 minutes and finally allowed to cool 

slowly to rt. In addition, to protect the channels from the organic inner phase, 

the microfluidic chip was modified with an ethanolic (EtOH ) solution of SnCl2 

(20% w/w), as reported in a procedure described in the literature190. The 
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reaction mixture was then infused into the microchannels for 2 h (at 20 ml h-1) 

at a controlled temperature of 60 °C. Finally, the chip was washed with DW 

before use. 

3.2.6 Microfluidic emulsion 

The O/W emulsions were produced using a flow-focusing chip, wherein an 

organic phase (cyclohexane) was dispersed within an aqueous phase, (20% w/v 

DexMA + 15% w/v Pluronic F-68 + 1% w/v Irgacure 2959). Irgacure 2959 

was used as radical photoinitiator to promote the cross-linking between 

methacrylated biopolymers (i.e. DexMA and GelMA) chains in the external 

phase. The flow focusing chip was used to generate a series of emulsions where 

the flow rates of the two phases were finely adjusted using microfluidic pumps 

(neMESYS, Cetoni GmbH) to control the size of the resulting droplets. 

The organic and aqueous phases were filtered through a 1.2 µm pore syringe 

filter (Sartorius) before being loaded into two 1 ml syringes (BD Medical) to 

prevent clogging of the micro-channels. The whole experiment was carried out 

in low light to avoid premature cross-linking of the radical initiators. The total 

flow rate of the two phases was set at 20 ɛl/min, and all the porous materials 

were printed with a dispersed phase volume fraction (űD) in the range 0.2-0.8. 

3.2.7 Image analysis (FastCAM) and emulsion characterisation 

The generation of emulsions was observed with a high-speed camera (Photron 

FASTCAM Mini UX) at 500 fps, through a microscope (Zeiss ï Observer.Z1) 

at a magnification of 5x. The recorded videos were used for image analysis. 

Droplets ï produced at different dispersed phase volume fractions (űD) ï were 
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analysed with the Particle Analyze function (ImageJ) to extract characteristic 

features (areas, diameters). 

3.2.8 Emulsion 3D printing of cylindrical porous scaffolds and complex 

geometries 

The emulsion suspensions were printed using a custom-made 3D bioprinter. 

The 3D bioprinter was equipped with three microfluidic pumps (neMESYS, 

Cetoni GmbH) programmed and controlled using Qmix software (Qmix 

Elements). The linear axis system arranged in a cartesian configuration and 

controlled by a motor (Micos) were used to deliver, in 3D the emulsion fibres. 

To standardise the 3D printing process and compare the gradient emulsion 

printing, 3D cylinders were designed using CAD software Fusion 360 

(Autodesk) and printed in agarose fluid-gel bath. Four types of scaffolds were 

selected for density gradient printing: three with an axial gradient (2, 4 and 

alternate layers) and one with a radial gradient. Three-dimensional structures 

that resulted impossible to be printed in air, with an over-hang > 45°, were 

printed with porous fibres in agarose fluid-gel with a print speed of 3.3 mm/s 

(F200). The complex geometries were downloaded from Thingiverse 

repository. The stereo lithography interface format (STL) to G-code 

conversion programme Slic3r was then used to slice the models with a 0.2 mm 

slice thickness. A Script function code was designed to generate multiple 

porosities in a single geometry automatically. The programmed code was used 

to regulate the microfluidic pumps according to requirement flow rates. Thus, 

the different dispersed phase volume fractions were generated by automatic 

pump control. Fluorescent dye was added to the hydrogels to better visualise 

the printed geometries. 
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3.2.9 Scaffolds cross-linking and purification 

After printing the emulsions inside the agarose supporting bath, the external 

phase of the samples was cross-linked under a UV-lamp (ɚ = 365 nm) for 20 

minutes. The constructs were retrieved from the agarose fluid-gel using a 

spatula and directly soaked in DMSO solution to remove the internal organic 

phase (cyclohexane). The purification procedure consisted of washing with 

DMSO multiple times for three days and with distilled water until the nominal 

conductibility was achieved. Finally, the cyclohexane-free samples were 

frozen at -80 °C and then freeze-dried. 

3.2.10 Scanning Electron Microscopy 

Scaffold lyophilised structures were examined by scanning electron 

microscopy (SEM) (HR-FESEM, AURIGA Zeiss model) operating at 1.50 kV. 

Prior to analysis, sectioned cylinders were applied on aluminium stubs using 

adhesive carbon tape. Samples were metallised with a chromium plasma to 

increase the conductivity of the scaffolds and imaged at 145x magnification.  

3.2.11 Microcomputed Tomography 

To evaluate the microscopic inner structure of 3D printed scaffolds by means 

of microcomputed tomography (micro-CT), purified scaffolds were partially 

dehydrated in a 50:50 (v/v) water/EtOH solution and then soaked into 

sunflower oil to improve radiographic contrast. The acquisition was conducted 

using an Xradia MicroXCT-400 with the following parameters: 40 kV voltage, 

10 W power, 0.18° rotation step in an angle interval of 184°. Scanning was 

carried out at rt (25 °C) and atmospheric pressure. 3D recreation of printed 
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samples was executed with ImageJ software using the 3D Viewer plugin from 

a stack of 2D cross-sectional images.  

3.2.12 Optical coherence microscopy 

Morphological characterization of 3D FGM structure in hydrate conditions 

was performed using high-resolution optical coherence microscopy (OCM)191. 

A custom-designed spectral OCM system utilized a commercial femtosecond 

laser (Fusion Femtolasers, Austria) with 130 nm full bandwidth (resulting in 

an axial resolution of 2.2 ɛm) and 795 nm central wavelength as a light source. 

The Michelson interferometer configuration used a fiber-based beam splitter 

with a 75/25 splitting ratio. The light reflected from the sample was combined 

with light reflected from the mirror in the reference arm, and the resulting 

interference signal was recorded with a high speed 2048 pixel line-scan 

camera spectrometer (Cobra-S 800, Wasatch Photonics, USA). 

A 4x microscope objective (Olympus Plan Fluorite, NA = 0.13, WD = 17.3 

mm) was used for sample illumination. The pupil was illuminated with a 6 mm 

(1/e2) Gaussian beam, leading to a lateral resolution of 4.5 ɛm, and a confocal 

parameter f ~100 ɛm. The sample was illuminated with an average optical 

power of 0.5 mW. Lateral laser beam scanning was accomplished using a pair 

of galvo scanners (Thorlabs Inc., USA). 3D volumes typically extending over 

an area of 1.0 mm × 1.0 mm × 1 mm were acquired with a pixel density of 

1024 × 1024× 2048 pixels for X, Y and Z-axes, respectively. Imaging depth 

limited by the light penetration and multiple scattering was evaluated to be 800 

ɛm. Specific stand alone software designed in LabVIEW, enabled the 

monitoring of a scanning protocol, coordination of camera and scanners, and 

data processing, including such steps as spectrometer calibration, numerical 
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dispersion compensation, and spectral shaping. Data analysis allowed the 

volumetric recreation of the fine structure of investigated porous materials. 

3.2.13 Bright-field imaging 

 The morphological structure of the laid emulsion fibres was investigated using 

a laser scanning confocal microscope (Olympus IX83). Imaged fibres with 

fluorescently labelled disperse phase were visible using brightfield imaging, 

with fluorescent signal varying along the imaging direction. Prior to printing, 

the external phase was labelled with fluorescent yellow-green latex beads (ɚex 

~470 nm e ɚem ~505 nm). The printing was carried out in a 3-mm thick agarose 

fluid gel within a 700 ɛl volume chamber. A single fibre was deposited and 

analysed for printing fidelity.  

The analysis was performed on non-purified scaffolds: porous cylinders were 

obtained, cross-linked, collected from the supporting bath and then washed 

with DW to remove agarose fluid-gel residues. The acquired images were 

stitched together with ImageJ software using the Grid/Collection stitching 

function.  

3.2.14 Rheological measurements of emulsion inks 

Rheological properties of the agarose fluid-gel, the continuous phase solution 

(DexMA + Pluronic F-68) and the resulting emulsions at various dispersed 

phase volume fractions (űD  = 0.2; 0.3; 0.4; 0.6; 0.7; 0.8) were analysed using 

a rotational rheometer (Anton Paar MCR 302) at 25 °C equipped with a cone-

plate geometry (25 mm diameter, 1° cone angle). The shear viscosity behaviour 

of the samples was assessed by applying a share rate from 1 to 100 s-1.  
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3.2.15 Mechanical testing of 3D printed emulsion scaffolds 

The mechanical properties of the scaffolds were investigated by compression 

experiments conducted on hydrated samples at a controlled temperature of 25 

°C. Density gradient scaffolds and control samples with single volume 

fractions (űD = 0.2; 0.3; 0.4; 0.6; 0.7) (diameter: 7 mm; height: 7 mm) were 

dipped in DW, gauged with a digital calliper and fitted between two 

compression plates of a universal tensile tester (dynamic mechanical analyser 

(DMA) Q800, TA Instrument, New Castle, DE, United States). The preload 

force was 0.001 N. The compressive strain was applied at a rate of 2.5% minī1. 

The unload phase was performed at a rate of 5% minī1. The scaffolds were 

then compression tested to 30% strain, while the stress-strain curve for the 

load-unload cycle was recorded. Youngôs modulus was obtained from the 

slope of the initial quasi-linear section of the stress-strain profile related to the 

region of strain ranging from 0 to 5% of deformation.  

3.2.16 In vitro degradation test 

Scaffolds in vitro degradation was studied to evaluate the sample weight loss 

after incubating at 37 °C. The purified hydrogels were soaked in HBSS 

solution for 24 hours and then collected, dried and weighed (Wo). The scaffolds 

were dipped in 1 ml of HBSS solution and incubated at 37 °C for 14 days, with 

HBSS changed every three days. Samples were collected, dried and weighed 

(Wt) at specific time points. The weight percentage loss was calculated as 

follows: 

                                    ὡὩὭὫὬὸ ὶὩάὥὭὲὭὲὫ Ϸ ρππ                               (3.1) 
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3.2.17 Mass swelling ratio 

Studies were carried out on DexMA hydrogels to investigate the mass swelling 

ratio. The scaffolds were weighed before (minitial) and after crosslinking 

(minitial,t0) to obtain their initial wet mass. The samples (n=3) were freeze-dried 

to determine their dry mass (mdry,t0). The value of the actual macromer fraction 

was determined as follows:  

                             ὥὧὸόὥὰ άὥὧὶέάὩὶ ὪὶὥὧὸὭέὲ ȟ

ȟ
                           (3.2) 

A further three samples were incubated for 24 hours in HBSS at 37 °C to allow 

swelling. After 24 hours, the samples were weighed (mswollen) and then 

lyophilised and weighed (mdry). The mass swelling ratio (q) was subsequently 

evaluated using Equation (3.3)192:  

                                                            ή                                                            (3.3) 

The experiment was replicated for all four types of scaffolds fabricated in this 

work (2, 4, alternate layers and radial FGMs). 

 

3.2.18 Statistical analysis 

The statistical analysis was carried out using GraphPad Prism (Graph Pad 

Software Inc., La Jolla, CA). DôAgostino-Pearson normality test was used to 

evaluate the variations in the data. Either one-way ANOVA or two- way 

ANOVA were used to determine the differences between groups. Sample size 

(n) is reported within figure captions. Significantly different data were 

identified as p < 0.05. 
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3.3 Results and Discussion 

3.3.1 Exploring operational ranges and rheological properties of 

microfluidic emulsion inks 

In the last decade, microfluidic devices have been extensively demonstrated to 

be ideal platforms for the production of tailored templates ï i.e. foams and 

emulsions ï for the synthesis of porous materials, generally characterised by 

either crystalline (i.e. highly monodisperse pores) or pore graded 

structure186,189,193. At the same time, the advent of 3D printing technologies has 

prompted a disruption in the manufacturing sector, both at the industrial and 

academic levels. Such revolution is propelled by the numerous advantages 

introduced by rapid prototyping technologies, including fast and flexible 

design, high accessibility and cost-effectiveness, multi-material deposition and 

minimal waste. Therefore, it is expected that the development of microfluidic-

assisted 3D printing strategies ï bearing both the advantages of these two 

technologies ï could enable the synthesis of porous FGMs with unprecedented 

architectures and physio-chemical properties194ï196.  

An effective way to produce porous materials with hierarchical porous 

structures is based on the use of biphasic inks (emulsion, foams, dispersions). 

Thus, the employment of biphasic inks in 3D printing has consisted in the 

preliminary formation of the emulsion/foam, its loading in a cartridge or 

reservoir, followed by deposition197. To date, this route has been explored to a 

limited extent, mainly due to the inherent problems of processability of 

biphasic inks. For instance, in the case of extrusion-based 3D printing 

strategies, biphasic inks must exhibit a highly pseudoplastic behaviour to 

guarantee both good extrudability and shape retention upon deposition. This 
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requirement, in turn, introduces two sets of problems. Firstly, the rheological 

requirements greatly limit the operational ranges in terms of external phase 

composition and volume fraction of the dispersed phase. Indeed, it is well 

known that the rheological properties of emulsions/foams are a complex 

function of the latter two parameters. Lastly, the rheological properties of the 

ink cannot be predicted a priori, thus requiring extensive and time-consuming 

testing before printing. Therefore, decoupling the rheological behaviour of the 

biphasic ink from its printability would allow to address both limits, opening 

new routes gauge for the synthesis of unprecedented porous FGMs.  

A similar technology capable of altering the fluid prior to deposition is the in-

air microfluidic platform. In seminal studies, Visser and co-workers198 

demonstrated the ability of the continuous phase to encapsulate the internal 

phase during the travel of the two liquid jets in air. However, a major condition 

of such a method is that the droplet encapsulation must occur above a specific 

distance from the deposition plane. As a consequence, the impact occurs at a 

relatively high-speed compromising the ultimate resolution. On the contrary, 

the direct printing of an O/W emulsion in a suspending medium described in 

this article reduces the perturbance of the already-deposited structure by 

allowing the microfluidic chip-produced emulsion to be deposited almost in 

touch with the substrate, stimulating the fabrication of geometrically complex 

structures with a variety of patterned porosities. The microfluidic-assisted 3D 

deposition of emulsion inks relies on operational ranges where an O/W 

emulsion can be prepared continuously and reproducible within the chip 

(Figure 3.1).  



  

78 
 

 

Figure 3.1. Sequence of steps illustrating the process of scaffold fabrication and purification. 

 

Herein we introduce a novel flow-focusing microfluidic printing head (ff -

MPH) capable of fabricating FGMs (Figure 3.2a) while finely tuning the (i) 

chemical composition, (ii) density and, to some extent, (iii) the local porous 

architecture in a continuous or discontinuous manner along the depth or radius 

of the construct. The operational range of the devised ff-MPH was 

preliminarily explored using a single continuous (DexMA/Pluronic F68) and 

dispersed phase (cyclohexane). Several flow rates of the input phases (5-30 

µL/min) were initially tested to identify the ranges where an O/W emulsion 

could be produced in a stable manner. The total flow rate of the emulsion ink 

(20 µL/min) was found to offer a steady overall emulsion production rate 

granting accessible ranges of droplet sizes (Ddroplet) and volume fractions of the 

dispersed phase (ű) of utmost importance for the control over pore sizes and 

the local porosity. As reported in Figure 3.2b, emulsions with a range of 

volume fractions of the dispersed phase between 0.2 and 0.8 can be produced 

by maintaining constant the emulsion ink flow rate while regulating the flow 

rates of the two immiscible phases accordingly. Notably, an increase in the 

dispersed phase flow rate was found to be correlated with an increase in droplet 
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diameter and dispersed phase volume fraction (ű) (cyclohexane), and vice 

versa (Figure 3.2c,d) in accordance with previously reported findings186. After 

determining the operational ranges, we performed a thorough rheological 

characterisation of the external phase (DexMA/Pluronic F68) and the resulting 

emulsion inks. The change in viscosity (ɖ) as a function of share rate (ɾ) are 

shown in Figure 3.2e. While the emulsion precursor solution of 

DexMA/Pluronic F-68 behaves as a Newtonian fluid, the emulsion inks exhibit 

an increasing pseudoplastic behaviour as the volume of the organic phase rises. 

These results can be explained in terms of an increase of the total interfacial 

area, a known feature governing the flow behaviour of concentrated 

emulsions199.  

To enable the decoupling of the printability of emulsion inks from their 

rheological behaviour, we formulated an agarose fluid gel to be used during 

3D printing as a temporary support medium. Agarose has been recognised as 

a supporting self-healing material, demonstrating a fluid-gel behaviour with 

rapid recovery of its elastic properties when exposed to high shear187,188,192. 

The agarose fluid-gel exhibited more pronounced pseudoplastic behaviour 

compared to emulsion inks. Interestingly, optical micrographs revealed a 

slurry-like nature of the agarose fluid-gel. Moreover, rheological tests revealed 

the pseudo-plastic behaviour of the supporting medium due to the close 

interaction of spiky microparticles (Figure 3.2f) which could be partially 

displaced upon the nozzle depositing the FGMs while regaining their original 

position to lock the structure in place. 
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Figure 3.2. Operational range exploration for emulsion ink production. a) Schematics of the 

ff -MPH used to generate functionally graded O/W emulsions (values of characteristic 

dimensions of the microfluidic device are reported in the experimental section). b) 

Microfluidic production of the emulsions at different volume fractions of the dispersed phase 

(0.2 < ű < 0,8). c,d) Droplet size distributions (left) and resulting average droplet diameters 

(right) measured for the selected values of ű. e) Rheological characterisation of the agarose 

fluid-gel, emulsion inks and DexMA continuous phase. f) (left) Micrograph of the agarose 

fluid-gel diluted 1:100 revealing its slurry nature: spiky hydrogel microparticles homogeneous 
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in size can be appreciated. (right) Stability of emulsion ink in agarose fluid-gel during and 

after 3D printing. Scale bars: (a,b) 300 ɛm, (f) 5 mm. Statistical significances were assessed 

by one-way ANOVA. Mean ± S.D. n=50, ****p<0.0001. 

 

3.3.2 Emulsion ink printing in an agarose fluid-gel  

The agarose fluid-gel is acting as a supporting material. Due to its viscoelastic 

properties, the emulsion generated inside the microfluidic chip is deposited and 

kept in place within the gel, as already shown in Figure 3.3a. Emulsion inks 

were 3D printed using a custom 3D printer equipped with ff-MPH. The spatial 

deposition of O/W emulsions generated with ff-MPH was finely synced with 

the extrusion of the emulsion ink. The final deposited emulsion was able to 

form a fibre consisting of an outer phase enclosing the droplets preventing 

external diffusion into the supporting gel. Figure 3.3b demonstrates the 

printing of a single layer, confirming the ability of ff-MPH adjustments to 

compensate for the system dead volume. Emulsions were directly deposited in 

the agarose fluid-gel and cross-linked under UVA light. Interestingly, 

cyclohexane droplets tended to cluster within laid struts upon deposition in the 

support medium, eventually forming long threads of adjacent droplets (Figure 

3.3b). The purification protocol consists of a well-established, effective 

procedure previously reported200ï202. The use of an aprotic polar solvent 

miscible with the internal, organic phase (cyclohexane) and water (e.g. DMSO, 

dimethylformamide (DMF)) is pivotal for the complete removal of the oil 

phase. Initially, cyclohexane is extracted thoroughly with DMSO, followed by 

dialysis against distilled water, to reach a conductivity matching the one of the 

distilled water. Previous studies have been found to obtained materials that 

resulted biocompatible and sustained the long-term culture of cells180.  
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To demonstrate the printability of emulsion inks, cylinders with four 

architectures endowing local changes in material density were fabricated. 

Three discontinuous FGM structures with one (2 layers) or multiple (4 layers 

and alternate) interfaces were fabricated. A fourth FGM architecture was 

printed continuously along the radial axis (Figure 3.3c) to prove the ability of 

the ff-MPH system to generate complex functionally graded patterns.  

 

Figure 3.3. 3D printing of porous FGMs. a) Schematics of the 3D printing setup used to 

generate and 3D print emulsion inks. b) (top) Laser scanning confocal microscopy (LSCM) 

micrographs showing droplet size and organisation within single deposited struts at different 

values of ű. (bottom) Illustrative 3D printed single ZX (2, 4, alternate layers) and XY (radial) 
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cross-sectional layers for easier appreciation of internal FGM structure. c) Porous cylinders 

characterised by discontinuous (2 layers, 4 layers, alternate) and continuous (radial) FGM 

architectures. Scale bars: b) 500 mm, c) 7 mm. 

 

SEM analysis was used to confirm that printed droplets preserved the ability 

to cluster upon deposition in 3D, independently of the droplet size or ű used 

(Figure 3.4a). This phenomenon was most likely driven by a buoyancy effect 

that forced the lighter cyclohexane droplets upwards, facilitating their mutual 

approach. Nevertheless, this effect resulted overall negligible and the 

deposition process unhampered. Following the cross-linking, cylinders were 

purified by removing the internal organic phase. 3D printed FGMs underwent 

an initial characterisation to assess their mechanical properties (Figure 3.4b,c).  
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Figure 3.4. Morphological characterisation of 3D printed porous FGMs. a) SEM images of 

the porous FGMs. Scale bars: 300 ɛm. b-c) Variation of Youngôs moduli in control samples 

characterised by a single porosity and in the manufactured porous FGMs. d) Weight loss and 

e) swelling ratio of FGMs. One-way ANOVA assessed statistical significance. Mean ± S.D. 

n=3, *p<0.05, **p<0.01, ***p<0.001. 
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The stress-strain behaviour of single porosity samples (Figure 3.5a) mirrored 

the value of ű: denser samples displayed higher Youngôs moduli, and the 

corresponding curves were moved to the higher stress end. All stress-strain 

traces, in particular ű = 0.2, 0.3, consist of two linear regions: a less steep 

region within ~ 7 % strain followed by a steeper trend. The first linear portion 

of the curve reflected the elastic response of the material pores due to elastic 

pore wall deformation and was used to calculate the Youngôs modulus. The 

second section (> 7% strain) is most likely the result of pore buckling and bulk 

gel deformation. Pore deformation and buckling dominates the mechanical 

behaviour of higher ű samples (i.e. 0.6, 0.7). In Figure 3.4 the Youngôs moduli 

of the constant ű samples are reported. Noticeably, we were unable to measure 

the Youngôs modulus of the samples prepared using ű = 0,8 as these exhibited 

a modulus below the detection levels of our DMA apparatus.  

The Youngôs moduli were determined from the slopes of the initial, linear 

region of the stress vs strain curves (Figure 3.5a,b). Graded samples exhibit a 

behaviour distinct from constant density samples. The two layers sample (ű = 

0.3, 0.7, Figure 3.5b) shows three regions of different slope. The first one 

extending up to ~ 5 % strain refers to the elastic response of the lower density 

layer (ű = 0.7) followed by pore wall buckling. At 20% strain, the curve rises 

more steeply. The slope of this part is higher than the first linear slope 

suggesting that the denser layer (ű = 0.3) may be responsible for such 

behaviour. 
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Figure 3.5. Compression mechanical characterisation of 3D printed porous FGMs. Stress-

strain plots: a) control homogeneous samples prepared with a single porosity value and b) 

FGM samples. 

 

The curve referring to four layers sample is characterised by a smooth slope 

variation with no discernible transition between deformation regimes. 

Evidently, the pore volumes of the layers in direct contact are so close that their 

deformations are coupled. As a result, the four-layers sample exhibits a trace 

with a gradually changing stress as a function of strain. 

The printed FGMs are relatively soft hydrogel, thus affected by degradation 

and swelling when submerged in aqueous environments, two parameters of 

great importance for various applications. To evaluate the weight loss of the 

printed FGMs over time, a 14-day in vitro degradation test in HBSS at 37°C 

was performed. Results (Figure 3.4d) demonstrated the stability of the 3D 

printed FGMs in vitro in physiological conditions - an aspect of fundamental 

importance for the potential use of these materials in TERM. The test revealed 

a more pronounced weight loss in the alternate and radial FGMs with respect 

to the 2- or 4-layers structures (p<0.01, Figure 3.4d). Ultimately, we measured 
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the mass swelling ratio (q) for the printed FGMs (Figure 3.4e). The stiffness 

of the cross-linked emulsions must be sufficiently high to allow the retention 

of a specific hierarchical shape post-printing. As previously reported, DexMA 

hydrogels show a swelling behaviour inversely proportional to the DS of 

methacrylic functionalities of DexMA203,204. In our study, DexMA ï which 

was characterised by a DS of 35% - showed limited swelling, in agreement 

with previous studies192,205. Moreover, the mass swelling ratio was found to be 

influenced by the dispersed phase volume fraction. The results of this work 

supported the observation of Bjerregaard and co-workers206, which reported 

that emulsions with elevated ű have a higher swelling ability compared to 

emulsions with small ű. Following purification, to confirm that the printing 

fidelity, we performed a thorough morphological characterisation by means of 

micro-CT and OCM. While the first enables the scan of the whole sample 

volume in a dehydrated or semi-dehydrated state, OCM allows capturing the 

actual 3D FGM structure in hydrate conditions. 

The results reported in Figure 3.6 describe the high spatial resolution of the 

internal architecture of 3D printed FGM structures, thus confirming the ability 

of the novel ff-MPH printing platform to deposit high-resolution FGMs in 3D. 

Volumetric acquisitions captured by means of OCM revealed regions of 

interconnected pores separated by dense polymer areas, depending on the 

printed architecture. As expected, regions characterised by high porosities (i.e. 

low density) also exhibited larger pores with respect to low porosity (i.e. high 

density) zones. Interestingly, radial constructs were found to preserve the 

blueprint architecture clearly indicating the superior ability of our ff-MPH 

system to precisely pattern FGM in 3D.  
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Figure 3.6. Internal topographic analysis via micro-CT and OCM. Three-dimensional 

reconstruction of porous FGMs from an image stack acquired by micro-CT; Horizontal 

sections of the scaffold acquired by OCM. For each FGM, a spatial porosity analysis was 

estimated from micro-CT volumetric reconstruction. Scale bars: (2 layers ï Alternate ï 4 

layers) 300 mm, (Radial) 500 mm. 

 

3.3.3 3D Printing complex FGM architectures in agarose fluid-gel 

3D printing soft materials such as hydrogels into complex shapes has been 

proven challenging, particularly with inks that fall below specific viscoelastic 

properties needed for extrusion-based deposition. This issue is enhanced in the 

case of biphasic inks, where the porogen phase further introduces an 

impediment to the 3D deposition of the ink, possibly leading to structural 

collapse. Thus, soft media with thixotropic behaviour (e.g. gelatin (freeform 

reversible embedding of suspended hydrogels (FRESH))207, Laponite205, 

agarose192) have been proposed as supporting baths allowing the physical 
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confinement of material inks during printing, while providing temporary 

reinforcement before crosslinking22. Herein, we use an agarose-based fluid-gel 

support bath to enable the 3D printing of arbitrarily complex architectures. We 

deposited FGMs with ff-MPH to print architectures with overhanging 

geometries with angles over 45° (Figure 3.7a), such as gyroid, inverted 

pyramid, sphere, helix and stepladder (see Figure 3.8 for other complex 

geometries).  

 

Figure 3.7. a) 3D printing of complex architectures in fluid-gel. Various exemplary complex 

3D structures 3D printed in agarose fluid-gel: gyroid cylinder, inverted pyramid, sphere, helix 

and stairs. b) 3D printing of complex FGM architectures in fluid-gel. Density gradient complex 

3D geometries printed using a fluorescent dye in the continuous phase: green signal 
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corresponds to more dense areas (low porosity) while light green and pale signals show less 

dense zones (high porosity). Scale bars: a) 5 mm, b) 10 mm. 

 

 

Figure 3.8. 3D printing of complex FGM architectures in fluid-gel. a) Various exemplary 

complex 3D structures 3D printed in agarose fluid-gel: chess knight and pawn, sorting hat, St. 

Peterôs dome, DNA helix and a reproduction of a femur epiphysis. Scale bars: 500 mm. 

 

Noticeably, all architectures were accurately reproduced, including the 

overhanging details that could otherwise be impossible to print directly in the 

air, demonstrating the extensive control over material density and porosity 

achieved via microfluidic bioprinting technology. Additionally, to prove that 

the architectural complexity does not affect our capacity to control local 

sample porosity during 3D printing precisely, we fabricated FGM structures 

where the external phase was fluorescently labelled (Figure 3.7b) to provide 

immediate visual feedback of the local sample density (the higher the 
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fluorescent signal, the lower the local porosity). It has been previously reported 

that layered and FGM structures can be fabricated using a sophisticated valve-

based flow-focusing microfluidic device194. However, such system presents 

inherent limitations. Being made of polydimethylsiloxane (PDMS), the 

processable materials are mostly restricted to water soluble 

polymers/monomers. Moreover, the use of organic phases ï such as organic 

solvents, hydrophobic monomers, or polymer solutions ï is not recommended 

due to the rapid PDMS swelling. This issue, in turn, makes impossible the 

generation of emulsion templates for the synthesis of porous materials. Here, 

we have produced very sophisticated gradient structures relying on the use of 

a basic flow-focusing chip. The possibility to modulate matrix composition 

widely broadens the possibility of manufacturing FGMs with unique physical-

chemical properties such as tailored mechanical, swelling or cell adhesion 

properties, among others. For instance, we demonstrated that a continuous 

phase consisting of GelMA behaved similarly to the composition with DexMA 

(Figure 3.9), allowing the engineering of hierarchical FGMs with tuneable 

volume fractions. 

 

Figure 3.9. Operational range exploration for GelMA emulsion ink production. a) 

Microfluidic production of the cyclohexane-in-GelMA emulsions at different volume fractions 
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of the dispersed phase (0.2 < ű < 0,8). b) Droplet size distributions measured for the selected 

values of ű. Scale bars: (a) 200 ɛm. Statistical significances were assessed by one-way 

ANOVA. Mean ± S.D. n=50, ****p<0.0001. 

 

Notably, the development of multi-material deposition has been extensively 

exploited for the replication of physiological structures in engineered 

tissues208. To investigate the ability of the ff-MPH system to pattern multiple 

FGMs, we used DexMA, DexMA loaded with nanohydroxyapatite (DexMA-

nHA) and GelMA as continuous phases (Figure 3.10a).  
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Figure 3.10. Printing gradient mix of multiple materials. a) (left) Multi-inlet chip during 

alternating printing of GelMA or DexMA/nHA and DexMA emulsions. (right) Alternating 

scaffolds following cross-linking and extraction from the support bath: DexMA/GelMA FGMs 

(top-right) and DexMA/nHA FGMs (bottom-right). To differentiate DexMA from GelMA, 

labelled DexMA with rhodamine was used. b) Density gradient complex structures printed 

using labelled DexMA with fluorescein (in yellow) and labelled DexMA with rhodamine (in 
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red): pawn chess (alternate), inverted pyramid (alternate), horse chess (4 layers), stairs (4 

layers). Dark green/pink signal corresponds to more dense areas (low porosity), while light 

green/pink and pale signals show less dense zones (high porosity). c) Generating the 

DexMA/nHA multiple materials structure by producing a Janus-like fibre within the 

microfluidic channels. Scale bars: 300 µm. d) Replicating an osteochondral scaffold to mimic 

the repair of a cartilage-bone interface defect. 

 

Multiple materials were used in combination with ff-MPH to produce 

homogeneous matrices with discontinuous FGM architectures. By precisely 

syncing the supply of the two different continuous solutions and the dispersed 

phase with the 3D motion, one can design a priori and then build FGMs where 

the local porosity and chemical composition can be precisely tuned. Recent 

studies have fabricated multi-layered scaffolds via rapid prototyping 

techniques for TERM applications207,209ï211. For instance, Liu et al.209 

manufactured functionally graded tri-layered GelMA/nHA hydrogels to mimic 

the different osteochondral zones by using an extrusion-based multi-nozzle 3D 

printing strategy. Thus, to confirm the control over alternating extrudable 

materials in more complex architectures, we 3D printed intricate geometries 

with pronounced overhanging (Figure 3.10b). In all cases, the 3D printing 

accuracy was elevated with precise patterning of pre-defined density zones 

according to the blueprints. Furthermore, alternating structures of DexMA and 

DexMA-nHA were printed in agarose fluid-gel by mixing the two materials 

directly in the output channel of the ff-MPH (Figure 3.10c).  

The stackable layers produced hierarchical structures with different physico-

chemical and mechanical properties, demonstrating the ability to pattern 

different porous materials within the same structure. Harnessing 3D printing 
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technology, we demonstrated the ability to match a patient-specific 

osteochondral defect by replicating an implant at the interface between bone 

and cartilage by modulating a discontinuous architecture (Figure 3.10d). 

Notably, the inclusion of nHA represents a favourable filler for an FGM ink 

that could be further exploited for bone regeneration and TERM purposes212.  

 

3.4 Conclusions 

To date, the fabrication of complex hierarchical FGM constructs is 

challenging, considering the requirement for specific viscoelastic properties of 

material inks and due to the collapsing of structures during 3D printing. In this 

work, we pioneered the use of a novel microfluidic-assisted 3D printing 

process to generate functionally graded hydrogel porous materials harnessing 

low-viscosity biopolymeric solutions (DexMA, GelMA, nHA). We have 

demonstrated that by using an agarose fluid-gel as a temporary support 

material, one can effectively decouple the rheological behaviour of the 

emulsion inks produced in the microfluidic device from their printability. This 

advantage translates into wider operational ranges and, as a direct 

consequence, into a more flexible design of FGMs in terms of material 

composition and achievable material densities. Additionally, the use of an 

agarose fluid-gel support bath allowed the fabrication of highly complex 

hydrogel architectures. FGM structures were printed both in discontinuous and 

continuous approaches demonstrating significant integrity, mechanical 

stability and shape-fidelity post-printing. Notably, the high control and 

reproducibility over emulsion ink production offered by the microfluidic 

printing head enabled the unprecedented fabrication of soft FGMs consistent 



  

96 
 

with the blueprint models. Finally, we have demonstrated that multi-material 

FGM structures can be fabricated with our ff-MPH by patterning complex 

structures with tuneable materials and pore density. Altogether, our results 

highlight the synergistic approach of microfluidic-assisted printing and 

suspension manufacturing for patterning complex FGM systems with 

controllable geometries, porosity and density gradients. 

 

 

 

 

 

 

 

 

 

 

 

 

 



  

97 
 

Chapter 4 ï Aqueous two-phase bioinks for 

discrete packing and anisotropic guidance of 3D 

bioprinted cells 

4.1 Introduction 

ATPS are liquid-liquid partitioning systems mainly used for separating, 

purifying, and enriching biomolecules such as proteins, viruses, and 

enzymes213. These systems are typically engineered from two water-soluble 

components, such as polymers, salts, alcohols or ionic liquids, which are mixed 

in water at sufficient concentrations, leading to the formation of two 

immiscible aqueous phases214. Due to the incompatibility between the 

components, the mixture separates into two distinct, water-based 

compartments. Each phase predominantly contains one of the materials, 

creating an ideal environment for various bioseparation processes215. Common 

phase-forming agents include polymers like PEG and dextran82,83, or a 

combination of PEG and salts like phosphate84, sulfate85, or citrate86. The phase 

separation is driven by thermodynamic forces, where the enthalpic interactions 

between the polymers and water molecules lead to the formation of two distinct 

aqueous phases. The process balances the enthalpy and entropy of the system, 

resulting in immiscible liquid compartments216. 

Nowadays, the use of ATPS could represent an emerging strategy in TERM 

due to their extraordinary ability to reproduce functional tissue substitutes with 

complex architectures. Indeed, ATPS can be modulated in concentrations to 

form elaborate interfaces and patterns, which enable the spatial organisation of 
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cells and biomolecules. This level of control is essential to replicate natural 

native tissue environments and new models for tissue regeneration217. 

Moreover, their aqueous system allows ATPS to demonstrate biocompatible 

properties for biological applications. In fact, ATPS systems have been found 

able to support cell viability, proliferation and differentiation of living cells218. 

Among recent applications, ATPS have been used to develop new bioinks in 

3D bioprinting219. The water-based inks provide precise deposition of cells and 

biomaterials, enabling the creation of complex tissue structures and 

maintaining high cell viability. In addition, the ability of ATPS to 

compartmentalise cells and organic components into distinct 

microenvironments allows for the assembly of unique opportunities for 

mimicking the heterogeneous architecture of tissues220. In combination with 

3D bioprinting techniques, complex tissue constructs can be built up layer by 

layer, facilitating the creation of multi-cellular tissues. The synergy between 

ATPS and 3D bioprinting has enormous potential to advance tissue-specific 

regeneration by enabling the precise spatial arrangement of different cell types, 

which is critical for functional tissue restoration. The tuneable properties of 3D 

printing facilitate the control of droplet arrangement, which is essential for 

fabricating scaffolds to mimic the ECM of tissues219. Due to their 

biocompatibility and oil-free nature, ATPS encapsulate cells within stable 

microdroplets formed by the immiscible aqueous phases, preserving their 

functionality and integrity during encapsulation221. Moreover, ATPS play a 

key role in controlled and localised delivery systems of therapeutic agents. 

This application exploits the spontaneous phase separation of ATPS to 

encapsulate and target drugs, proteins or bioactive molecules. Indeed, the low 
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surface tension between the two aqueous phases allows for controlled diffusion 

and release of the therapy over time222.  

However, replicating biocompatible ATPS systems is often challenging and 

associated with a number of complications. The achievement of coherent and 

homogeneous droplet sizes is limited by low interfacial tension between the 

aqueous phases constituting the biphasic system. The instability of the 

dispersed phase within the continuous phase results in a non-uniform droplet 

distribution, which can compromise the reproducibility of ATPS systems223. 

Furthermore, one of the most common methods of generating ATPS systems 

is via microfluidics. Unlike traditional W/O or O/W emulsions224, droplet 

generation in microfluidic systems has to overcome the barrier of insufficient 

surface tension between the water-water phases. External forces such as 

mechanical vibrations225, pressure regulators221, acoustic actuation226, and 

electro-hydrodynamic perturbations227 are used to achieve the rupture of the 

internal phase into defined droplets instead of long dispersed phase flows. 

Although effective, these techniques add complexity and cost to the process 

and are not always easily reproducible. 

In this research work, we present a simple approach to create a new class of 

ATPS biomaterial inks, specifically designed for TERM applications. The 

system was prepared by mixing two biomaterials: GelMA and alginic acid, in 

a salt solution of sodium chloride (NaCl) at varying concentrations (0-36 g/L) 

(Figure 4.1). We have demonstrated the compartmentalisation of GelMA 

within continuous alginate phase for W/W emulsion formation. The ability to 

precisely tune the size of the dispersed phase was influenced by the regulation 

of NaCl concentrations, providing flexibility for controlling cell behaviour 
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with 3D bioprinting. Building on this, we have demonstrated the application 

of the ATPS inks in guiding the proliferation and function of a variety of cell 

types, including lung cancer, myoblasts, osteosarcoma and HBMSCs. This 

new ATPS composite offers a promising platform for the creation of complex 

tissue architectures with microscale precision, increasing the potential for 

engineering tissue substitutes with high biological functionality. 

 

Figure 4.1. Rational of ATPS inks bioprinting. (left) The microfluidic printhead is connected 

to a 3D bioprinting system to fabricate the ATPS fibres. In the upper inlets flow (i) a glycerol 

wash solution and (ii) the CaCl2 cross-link solution. In the lower inlets flow one or two 

different bioinks, in this case the bioink based on GelMA 5% and Alginate 4%. (right) The 

size of the ATPS droplets varies with increasing NaCl concentration (g/L). (bottom) Within 
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the ATPS hydrogel, cell organisation varies with droplet size, which in turn depends on NaCl 

concentration. From left to right, cells become increasingly elongated and organised within the 

GelMA droplets. 

 

4.2 Materials and methods 

4.2.1 Materials 

Gelatin from porcine skin (~300 g Bloom, Type A), PBS, HBSS, 4-(2-

Hydroxyethyl)piperazine-1-ethanesulfonic acid (HEPES), MA, N-

Hydroxysuccinimide (NHS), N-hydroxysulfosuccinimide sodium (sulfo-

NHS), N-(3-Dimethylaminopropyl)-Nǋ-ethylcarbodiimide hydrochloride 

(EDC), DMF, NaCl, Calcium chloride (CaCl2), Glycerol, Rhodamine B, 

Fluorescein 5(6)-isothiocyanate (FITC), Tris(2,2'-bipyridyl)dichloro-

ruthenium(II) hexahydrate (Ru), Sodium persulfate (SPS), Alginate Lyase, 

Collagenase D, Dulbeccoǋs Modified Eagleǋs Medium ï high glucose 

(DMEM), Minimum Essential Medium Eagle ï Alpha modification (ŬMEM),  

L-Glutamine, Penicillin-Streptomycin, Fetal bovine serum ï non-USA origin 

(FBS), Trypsin-EDTA solution (1x), ɓ-Glycerophosphate disodium salt 

hydrate (ɓ-GP), 2-Phospho-L-ascorbic acid trisodium salt (AA2P), 

Dexamethasone, Formaldehyde solution (37 % in water), TritonÊ X-100,  

Bovine Serum Albumin (BSA), 4ǋ,6-Diamidino-2-phenylindole 

dihydrochloride (DAPI), Naphtol AS-MX Phosphate Alkaline, Fast Violet 

Salt, 3,4-Dihydroxy-9,10-dioxo-2-anthracenesulfonic acid sodium salt 

(Alizarin Red S), Ammonium hydroxide solution (25%), Lysozime and Protein 

Quantification Kit-Rapid were purchased from Sigma Aldrich. Calcein (AM, 

cell-permeant dye), Propidium Iodide, Goat anti-Rabbit IgG (H+L) Cross-
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Adsorbed Secondary Antibody ï Alexa FluorÊ 488, Goat anti-Mouse IgG 

(H+L) Highly Cross-Adsorbed Secondary Antibody ï Alexa FluorÊ 594, 

RUNX2 Recombinant Polyclonal Antibody, BMP-2 Monoclonal Antibody, 

Osteopontin Monoclonal Antibody, Alexa FluorÊ 488 Phalloidin, CellPath 

OCT Embedding Matrix and TRIzol Reagent were obtained by ThermoFisher 

Scientific. Alginate (Protanal® GP 1740), EtOH, SYLGARDÊ 184 Silicone 

Elastomer Kit (PDMS) and Invicta 907 was purchased from FMC BioPolymer, 

Carlo Erba (Italy), Dow and Rimas Engineering (Italy) systems, respectively. 

Recombinant Human Vascular Endothelial Growth Factor-A (rh VEGF-A) 

was obtained by ImmunoTools (Germany). 

4.2.2 Synthesis of Gelatin Methacryloyl 

GelMA was produced following a procedure published elsewhere228. Gelatin 

was dissolved at 10% w/v in PBS at a controlled temperature of 50 °C. After 

1 h, MA (0.8 g per gram gelatin) was added, and the reaction stopped after 3 

h. The solution was then transferred to 1 kDa cut-off dialysis tubes and the DW 

(18 ɀɋ cm-1) was changed twice daily for 5 days. Finally, the GelMA obtained 

was frozen (- 80 °C), lyophilised (LyoQuest, Teslar, Italy) and stored in the 

fridge at 4 °C until further use. 

4.2.3 Synthesis of Gelatin Methacryloyl-Rhodamine B 

GelMA-Rhodamine B was synthesised as previously described229. Briefly, 

GelMA-Rhodamine B was obtained by dissolving 1 g of GelMA in 20 ml of 

DW at 50 °C and reacting with 1 ml of activating solution for 24 h in the dark. 

The activating solution was prepared by dissolving 0.01g Rhodamine B, 

0.012g NHS and 0.02g EDC in 1 ml DMF and keeping it stirring for 4 h at rt.  
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The solution was then transferred into 1 kDa cut-off dialysis tubes and DW 

was changed twice daily for 5 days. The GelMa-Rhodamine B product was 

then frozen (-80 °C), freeze-dried and stored in the refrigerator at 4 °C and in 

the dark until use. 

4.2.4 Alginate purification 

The purification process of alginate was described in a previous work230. 

Briefly, a 2% w/v aqueous solution of alginate was prepared and then poured 

into excess EtOH. The precipitate obtained was vacuum filtered and washed 

thoroughly with clean EtOH. The cleaned precipitate was then allowed to dry 

and resuspended in 2% w/v DW. After filtering the solution (0.2 ɛm), it was 

transferred into dialysis tubes with 1 kDa cut-off and dialysed initially in a 0.1 

M NaCl solution for two days (changes twice a day) and then in DW for 3 days 

(changes twice a day). The purified solution is adjusted to pH 7.5, filtered 

again, frozen (- 80°C), lyophilised and kept in the fridge at 4 °C until use. 

4.2.5 Synthesis of Alginate-FITC 

Synthesis of alginate-FITC was performed according to a previous protocol231. 

Specifically, 0.96 g of purified alginate was dissolved in 150 ml of PBS (pH 

7.5). Subsequently, 0.054 g EDC and 0.06 g sulfo-NHS were added to the 

solution and left to stir for 2 h. Following, 0.09 g FITC was added and the 

reaction was left stirring in the dark for 24 h. Free, unreacted fluorophore was 

removed by extensive dialysis with 1 kDa cut-off dialysis tubes. Washes were 

performed once with DW at 4 C for 24 h, three in NaCl (1 M) for 24 h each, 

then a subsequent six washes in DW for 24 h each. Once purified, the pH of 
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the solution was adjusted to 7.5, frozen at -80 °C, freeze-dried and finally 

stored in the dark at 4 C until required. 

4.2.6 Fabrication of microfluidic chip: 

The microfluidic chip was manufactured in PDMS with the following 

characteristic dimensions: 100 µm biomaterial phase channel; 200 µm CaCl2 

(0.33 M in 80% glycerol) and glycerol (80% in water) channel; 300 µm output 

channel. The microfluidic chip was fabricated using the following procedure. 

Using a CAD software (Autodesk Fusion 360), a microfluidic printhead mould 

was designed containing the negative of the designed geometry. The STL file 

was processed using a 3D editor (NAUTA®+) and 3D slicing software 

(FICTOR®). Using an SLA printer (XFAB 3500SD, DWS, Italy), the 

photocurable resin mould (Invicta 907) was obtained. The mould obtained was 

washed extensively in EtOH, polymerised in an UV oven (MeccatroniCore BB 

Cure; 10 min., 20 °C, power 100%) and left in the oven at 80 °C overnight. 

Once the mould was ready, PDMS was poured into it (10:1 ratio of base 

component to curing agent) and left for 2 h at 70 °C. The PDMS was then 

removed from the mould, the access ports to the inner channels were created 

with a 1.5 mm puncher and the two halves were bonded by plasma treatment 

for 2 minutes. Finally, the chip was washed with DW before use. 

4.2.7 ATPS preparation 

ATPS materials were produced by mixing different concentrations of GelMA 

(3 - 5 - 7 %), alginate (4 %), Ru (1 mM) and SPS (10 mM) in an aqueous 

solution based on different concentrations of NaCl (0 - 9 - 18 - 27 - 36 g/L) 

and HEPES (25 mM) (Table 4.1). For ATPSs preparation with fluorescent 
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biomaterials, the same methodology was used, but using GelMA-Rhodamine 

B and alginate-FITC instead of GelMA and alginate, respectively. The solution 

was left to stir at 300 rounds per minute (RPM) at 50 °C for 3 h. Ru/SPS were 

used as radical photoinitiators to promote chemical cross-linking between the 

GelMA chains and were added to the solution only a few minutes before 

printing the ATPS. The pre-formed emulsion was flowed into the microfluidic 

chip via the control of microfluidic pumps (neMESYS, Cetoni GmbH). Prior 

to printing, the phases were filtered with a 1.2 µm syringe filter (Sartorius) and 

then loaded into 3 ml syringes (Fisher Scientific) to avoid clogging within the 

channels. The entire experiment was conducted in the absence of light to avoid 

early radical activation of GelMA. The total phase flow was set at 60 ɛl min-1 

(30 ɛl min-1 - biomaterial phase; 30 ɛl min-1 - CaCl2 phase). 

Table 4.1. Formulation composition of ATPS inks. 

Name 

GelMA  

(% w/v) 

Alginate 

(% w/v) 

NaCl  

(g/L) 

HEPES 

(mM) 

N0 5 4 0 25 

N9 5 4 9 25 

N18 5 4 18 25 

N27 5 4 27 25 

N36 5 4 36 25 

G3N9 3 4 9 25 

G7N9 7 4 9 25 
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4.2.8 Image analysis and ATPS characterisation 

The size of the droplets - generated and obtained at the various NaCl 

concentrations of the ATPS - was observed inside the microfluidic chip with a 

high-speed camera (Photron FASTCAM Mini UX) at 500 fps, and with the aid 

of a microscope (Zeiss - Observer.Z1) at a magnification of 5x. Videos were 

recorded during the flow of the ATPS phase within the microchannels, and the 

droplets were analysed with the ñAnalyse Particlesò function (Fiji) to 

determinate their diameter. Further, with laser scanning confocal microscope 

(Olympus IX83), the porosities of the printed scaffolds were studied at 

increasing NaCl concentrations. Due to the autofluorescence of the alginate 

(405 nm)232, the external and continuous phase of the samples was observed. 

Using the function ñAnalyse Particlesò (Fiji), it was possible to calculate the 

percentage area occupied by GelMA droplets. The percentage fraction of the 

area occupied by the internal phase was calculated using the following 

equation: 

ὃὶὩὥ ὪὶὥὧὸὭέὲ Ϸ
  

 
 ὼ ρππ                    (4.1) 

 

4.2.9 ATPS scaffolds 3D printing 

The ATPS phase was printed using a custom-made 3D bioprinter228. The 

printer consists of three microfluidic pumps (neMESYS, Cetoni GmbH) 

regulated by Qmix Elements software. The axial system is organised in a 

cartesian configuration and regulated by a motor (Micos) so that the fibres are 

deposited during printing. Using a MATLAB software, a g-code of a lattice 

scaffold with dimensions of 8mm x 8mm, 20 layers in the Z-direction and a 
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gap of 100 µm between each layer was realised. Scaffold printing was 

performed by deposition on a 1mm-thick glass slide, with the aid of the 

microfluidic printhead, which allowed instantaneous reticulation of the fibres 

due to ionic cross-linking between alginate and CaCl2 (Figure 4.1). Different 

types of scaffolds were realised: lattice grids of various concentrations of 

GelMA (3 ï 5 ï 7 %), alginate (4 %), Ru (1 mM) and SPS (10 mM) in NaCl 

(9 g/L) and HEPES (25 mM), and additional scaffolds of GelMA (5 %), 

alginate (4 %), Ru (1 mM) and SPS (10 mM) in different concentrations of 

NaCl (0 ï 9 ï 18 ï 27 ï 36 g/L) and HEPES (25 mM). 3D printing was carried 

out in the dark to avoid premature cross-linking of the structures and grids were 

printed at a speed of 13.2 mm s-1 (F800). 

4.2.10 Scaffolds crosslinking 

After printing the ATPS lattices and preliminary reticulation between alginate 

and CaCl2, the samples were cured under visible light for 10 min. Scaffolds 

were cross-linked with CaCl2 solution (0.33 M in NaCl (9 g/L) in HEPES (25 

mM)) for a further 10 min. Using a spatula, the grids were transferred to a well-

plate (VWR® Multiwell Cell Culture Plates, VWR, Italy) and kept in HBSS. 

For selected analyses, the samples were subsequently frozen in the freezer (-

80 °C) and then lyophilised. 

4.2.11 Selective dissolution 

A selective dissolution of both GelMA and alginate was carried out. For the 

selective dissolution of GelMA, following the printing of scaffolds (without 

the inclusion of Ru and SPS as photo-crosslinking agents), only the alginate 

was reticulated by CaCl2. The constructs were then immersed in HBSS and 
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incubated at 37 °C for 3 h for solution release of the chemically non-cross-

linked GelMA. For the selective dissolution of alginate, following regular 

physical cross-linking of the alginate with CaCl2 and chemical curing of the 

GelMA with visible light, the 3D printed samples were immersed overnight in 

a PBS-based solution with an alginate lyase concentration of 0.33 mg ml-1 for 

selective alginate removal. 

4.2.12 Scanning Electron Microscopy 

Freeze-dried printed scaffold constructs (non-porous N0 and porous N36) were 

inspected by SEM (HR-FESEM, AURIGA Zeiss model) working at 1.50 kV. 

The samples were first cut in half, then placed on aluminium stubs and 

metallised with a chromium plasma to enhance their conductivity. Images were 

taken at the following magnifications: 100x ï 500x ï 1000x.  

4.2.13 Optical coherence microscopy 

To assess the difference in porosity of the printed ATPS constructs, extreme 

conditions (N0 and N36) were evaluated by OCM191. The instrument (Thorlab 

OCT 4) has a central wavelength of 880 nm and a sensitivity of 106 dB. A 4x 

objective was used to observe the ATPS samples and 3D images were acquired 

at 1024 x 1024 x 2048 pixels for the X, Y and Z axes with an imaging depth 

of 800 µm. 

4.2.14 Confocal imaging 

The internal and external structure of the printed ATPS were studied using a 

confocal laser scanning microscope. Prior to printing, GelMA-Rhodamine B 

and alginate-FITC were included in the different ATPS formulations. The 
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scaffolds were then 3D printed, cross-linked, washed in HBSS and transferred 

into µ-Slide 8 Well (IBIDI ) for microscopic observation. A 559 nm laser was 

used for the observation of the phase of GelMA-Rhodamine B, and a 473 nm 

laser for the outer phase of alginate-FITC. The acquired images were processed 

with ImageJ software. 

4.2.15 Rheological measurements of emulsion inks 

The rheological properties of the different ATPS formulations were analysed 

with a rotational rheometer (Anton Paar MCR 302) at 25 °C and 37 °C fitted 

with a cone-plate geometry (25 mm diameter, 1° cone angle). The shear 

viscosity behaviour of the ATPS solutions was evaluated by performing a share 

rate from 1 to 9000 s-1.  

4.2.16 Mechanical testing of 3D printed emulsion scaffolds 

The mechanical properties of the ATPS construct were performed using a 

DHR-2 controlled stress rotational Rheometer (TA Instruments, Waters) 

equipped with a parallel plate geometry with a diameter of 20 mm and a Peltier 

plate system to constantly control the system temperature kept at 23 °C. The 

instrument was calibrated in DMA mode for uniaxial compression testing to 

determine storage (Gô) and loss (Gôô) moduli of hydrogel samples. Samples 

were pre-loaded at 0.4 N and frequency sweep tests were performed in the 

range of 0.1 to 1 Hz at a constant displacement between 20 and 50 ɛm 

depending on the LVR of the different hydrogels. Mean curve and standard 

deviation were obtained by measuring three samples for each composition.  
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4.2.17 In vitro degradation test 

A degradation test was performed on both samples in which chemical curing 

of GelMA and ionic reticulation of alginate occurred, and on samples in which 

only ionic cross-linking of alginate occurred. The scaffolds were incubated for 

7 days at 37°C immersed in HBSS. Prior to weighing, the samples were taken, 

dried and weighed at specific time points (day 0 - 1 - 3 - 7). 

4.2.18 Swelling strands 

N0 and N36 scaffolds were printed and the variation in fibre dimension after 0 

- 12 and 24 h was evaluated. The samples were printed and crosslinked both 

chemically (GelMA with Ru/SPS) and physically (alginate with CaCl2). The 

fibres were observed using an inverted microscope (AX10, Zeiss, Germany) 

with a 20x objective and the images were taken with an integrated camera 

(Axiocam 305 colour, Zeiss, Germany). Using Fiji's ñanalyse ï measureò tools, 

fibre diameters were measured at different time points. 

4.2.19 Cell culture 

The A549 human lung carcinoma epithelial-like cell line, C2C12 mouse pre-

myoblast cell line and MG63 human osteosarcoma cell line were obtained from 

ATCC (USA). The cell lines were cultured with DMEM culture medium 

supplemented with 10% FBS, 100 U Penicillin, 0.1 mg ml-1 streptomycin and 

2 mM L-glutamine. The cells were thawed, plated on 75cm2 flask (Corning®, 

NY, USA) at a concentration of 3x105 cells/flask and the medium was changed 

twice a week. HBMSCs were donated by Umberto I Hospital (Rome) and in 

accordance with the Declaration of Helsinki and its later amendments and 

approved on June 22, 2023 by the Institutional Review Board (Department of 
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Molecular Medicine, Sapienza University of Rome, Italy). HBMSCs were 

cultured with ŬMEM culture medium supplemented with 10% FBS, 100 U 

Penicillin, 0.1 mg ml-1 streptomycin and 2 mM L-glutamine. The cells were 

thawed, plated on 182 cm2 flask (Corning®, NY, USA) at a concentration of 

5x105 cells/flask and the medium was changed twice a week. All cells were 

incubated at controlled temperature and humidity (37 °C; CO2 5%). 

4.2.20 3D Bioprinting 

For ATPS-bioinks printing, all biomaterials, solutions and printheads were 

previously sterilised. Sterilisation was performed by 30-min UV cycles of the 

powders, filtration (0.22 µm syringe filter, ReliaPrepÊ, VWR) of the solutions 

and flushing EtOH first and PBS later inside the channels. Pre-printing, all 

cells used (A549, C2C12, MG63, HBMSCs) were detached (10 minutes, 37 

°C, 5% CO2) with Trypsin-EDTA (1x) at 80-90 % confluence. The obtained 

cells pellet was resuspended in 30 µl of culture medium and the biomaterial 

(including Ru/SPS as photoinitiators) was added and mixed well prior to 

loading the bioink. The final cell concentration within the biomaterial was 5 

million ml-1. Both the biomaterial, the cross-linking solution (CaCl2 0.33 M in 

80% glycerol) and washing solution (80% glycerol) were loaded into 3 sterile 

syringes of 3 ml each (FisherbrandÊ, Fisher Scientific) and printing was 

performed in the absence of light to avoid premature cross-linking of the 

GelMA during scaffold fabrication. All structures were deposited at the 

following speeds: biomaterial 30 µl ml-1; cross-linking solution 30 µl ml-1; 

washing solution 30 µl ml-1. The obtained scaffolds were exposed to visible 

light (10 minutes) and then to 0.33 M CaCl2 solution (10 minutes) for chemical 

and physical cross-linking. The grids containing A549, C2C12 and MG63 cell 
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lines were cultured in DMEM, while those containing HBMSCs were cultured 

in ŬMEM. For the samples containing HBMSCs in which the trend of 

osteogenic differentiation was studied, the following osteogenic factors were 

added to the ŬMEM culture medium: AA2P (100 µM), ɓ-GP (10 mM), 

dexamethasone (10 nM). 

4.2.21 Cell viability 

To perform the Live/Dead assay, 0.4 ug ml-1 of Calcein and 0.2 ug ml-1 of 

Propidium Iodide were added to a desired volume of FBS-free media. The 

solution was then added on top of the scaffolds, previously washed with HBSS, 

until complete coverage. The samples were incubated in the dark for 30 

minutes (37 °C; 5% CO2). Subsequently, the scaffolds were washed thrice in 

HBSS and analysed with a confocal laser scanning microscope (Olympus 

IX83). Cell viability was quantitatively evaluated by ImageJ software analysis.  

4.2.22 Immunofluorescence 

The scaffolds maintained in culture were fixed with 4% paraformaldehyde 

(PFA). Afterwards, the samples were incubated in 0.1% Triton X-100 and then 

immersed in 1% BSA to block autofluorescence of the biomaterials. For both 

the first immunofluorescence (IF) including RUNX2 and BMP-2 and the 

second including Collagen and OPN, the scaffolds were stained with 1% BSA 

containing the primary antibodies (anti-Rabbit ï 4 µg ml-1; anti-Mouse ï 2 µg 

ml-1) overnight at 4 °C in the dark. The constructs were then stained with 1% 

BSA containing the secondary antibodies. For IF including RUNX2-BMP-2: 

RUNX2 antibody (5 µg ml-1), BMP-2 antibody (5 µg ml-1) and DAPI (1:1000). 

For IF including Collagen I-OPN: Collagen 1 antibody (2 µg ml-1), OPN 
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antibody (2 µg ml-1) and DAPI (1:1000). For staining exclusively with 

AlexaFluorÊ 488 phalloidin and DAPI, immediately after the 

autofluorescence blocking step, the samples were left in the dark with 1% BSA 

containing AlexaFluorÊ 488 phalloidin (1:40) and DAPI (1:1000). Finally, 

the scaffolds were observed with a 40x objective under a laser scanning 

confocal microscope. 

4.2.23 Alkaline Phosphatase staining 

Scaffolds were first removed from the culture media and then washed twice in 

HBSS, followed by wash in 95% EtOH and rinse in HBSS. After removing the 

solution and allowing the samples to dry, a HBSS-based solution with 

Naphthol AS-MX Phosphate Alkaline Solution and Fast Red Violet LB Salt 

was added on top of the constructs to full cover. After incubating (37 °C) 60 

minutes in the dark, the samples were washed three times with HBSS, 

visualised using an inverted microscope with a 20x objective and the images 

were taken with an integrated camera. 

4.2.24 Alizarin Red S staining 

Staining with Alizarin Red S solution was carried out on ATPS scaffolds. 

Constructs were first removed from the culture medium, washed with HBSS 

and then fixed for 1 h in 4% PFA in HBSS. Subsequently, the samples were 

soaked in OCT embedding matrix at - 80 °C, then sectioned at - 20 °C with a 

cryostat (Leica CM1850, Leica Biosystems) to a thickness of 8 µm and the 

slices were mounted on SuperFrost glass slides (EprediaÊ SuperFrost PlusÊ). 

The slices obtained were stained with a previously prepared Alizarin Red S 

solution. Briefly, 3.5 g of Alizarin Red S were dissolved in 150 ml DW. The 
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pH was adjusted to 4.1-4.3 using 0.5% ammonium hydroxide and the volume 

was finally brought to 250 ml by monitoring the pH. The slices were soaked in 

Alizarin Red S solution for 1 hour, then washed with DW and visualised with 

an inverted microscope.  

4.2.25 Quantitative reverse transcription polymerase chain reaction 

The expression of specific genes related to osteogenic differentiation (Table 

4.2) of HBMSCs encapsulated in ATPS hydrogels was determined by 

quantitative reverse transcription polymerase chain reaction (RT-qPCR). The 

samples were first degraded in a solution containing 1 mg ml-1 collagenase D 

and 0.33 mg ml-1 alginate lyase. RNA was isolated via TRIzol Reagent, 

extracted (RNeasy Mini  Kit, QIAGEN) and quantified using a nanodrop 

spectrophotometer (NanoDrop 2000c, ThermoFisher Scientific). RNA was 

converted to cDNA using the iScriptÊ cDNA Synthesis Kit  (Bio-rad). RT-

qPCR was performed using iTaqÊ Universal SYBR® Green Supermix (Bio-

rad) and gene expression quantified using a Real-Time PCR System (Applied 

Biosystems ViiA  7, ThermoFisher Scientific). The cell pellet collected at day 

0 was used as a control. The expression of targeted genes related to osteogenic 

differentiation was calculated by threshold cycle (ȹȹCt) method, normalised 

to GAPDH as housekeeping reference gene and reported as fold change (2-

ȹȹCt). 
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Table 4.2. Primer sequences used for RT-qPCR. 

Name Primer sequences 

GAPDH 

Forward: 5ô-GACAGTCAGCCGCATCTTCTT 

Reverse: 5ô-TCCGTTGACTCCGACCTTCA 

OSX 

Forward: 5ô-ATGGGCTCCTTTCACCTG 

Reverse: 5ô-GGGAAAAGGGAGGGTAATC 

RUNX-2 

Forward: 5ô-GTAGATGGACCTCGGGAACC 

Reverse: 5ô-GAGGCGGTCAGAGAACAAAC 

ALP 

Forward: 5ô-GGAACTCCTGACCCTTGACC 

Reverse: 5ô-TCCTGTTCAGCTCGTACTGC 

COLXA1 

Forward: 5ô-CCCACTACCCAACACCAAGA 

Reverse: 5ô-GTGGACCAGGAGTACCTTGC 

COL1A1 

Forward: 5ô-GAGTGCTGTCCCGTCTGC 

Reverse: 5ô-TTTCTTGGTCGGTGGGTG 

BSP 

Forward: 5ô-CAGTTCAGAAGAGGAGG 

Reverse: 5ô-TCAGCCTCAGAGTCTTCATC 

OCL 

Forward: 5ô-GAGGAAACCGAAGAGGAGG 

Reverse: 5ô-GGGGTGTTGTTCTCATCCAG 
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OCN 

Forward: 5ô-AAGAGACCCAGGCGCTACCT 

Reverse: 5ô-AACTCGTCACAGTCCGGATTG 

BMP-2 

Forward: 5ô-TCAAGCCAAACACAAACAGC 

Reverse: 5ô-AGCCACAATCCAGTCATTCC 

OPN 

Forward: 5ô-GTTTCGCAGACCTGACATCC 

Reverse: 5ô-CATTCAACTCCTCGCTTTCC 

 

4.2.26 Statistical analysis 

Statistical analysis was performed via GraphPad Prism (Graph Pad Software 

Inc., La Jolla, CA). The D'Agostino-Pearson normality test was applied to 

assess variations in the data. One-way ANOVA and two-way ANOVA were 

used to evaluate differences between groups. The sample size (n) is shown in 

the figure captions. Significantly different data were selected as p < 0.05. 

 

4.3 Results and discussion 

4.3.1 ATPs inks can be tuned by altering salt and dispersed phase 

concentration 

The tunability of ATPs inks through the manipulation of salt and dispersed 

phase concentrations was investigated, focusing on how these variables 

influence the size of the internal phase droplets. By examining different ATPS 

formulations, we provided detailed insights into the correlation between salt 
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concentration, GelMA percentage and droplet size distribution. Microscopic 

images of the emulsions were obtained by flowing the different ATPS 

formulations through the microfluidic channel and observing them with a high-

speed camera (FastCam) to assess the size of the internal phase droplets. 

Consistently with previous studies221, increasing the (i) percentage of NaCl (0 

- 9 - 18 - 27 - 36 g/L) and (ii) GelMA (0 - 3 - 5 - 7 %) in the ATPS formulation 

resulted in an increase in the diameter of the droplets (Figure 4.2).  

 

Figure 4.2. Variation of NaCl and GelMA concentrations for droplets characterisation. a) 

ATPS formulations differing in NaCl content observed by FastCam. a ï i , ii) N0, a ï iii , iv) 

N9, a ï v , vi) N18, a ï vii , viii) N27, a ï ix , x) N36. b) Droplets size distribution for different 

NaCl content: b ï i) NaCl 9 g/L, b ï ii) NaCl 18 g/L, b ï iii) NaCl 27 g/L, b ï iv) NaCl 36 g/L. 

c) ATPS formulations differing in GelMA content observed by FastCam. c ï iii ,  iv) G3N9, c 

ï v , vi) N9, c ï vii , viii) G7N9. d) Droplets size distribution for different GelMA content: d 

ï i) GelMA 3%, d ï ii) GelMA 5%, d ï iii) GelMA 7 %. Scale bars: (a ï ix, c ï vii) 100 ɛm, 

(a ï x, c ï viii) 25 ɛm. Mean ± S.D. n=50. 
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By removing NaCl (Figures 4.2a, i - ii ) and GelMA (Figures 4.2c, i - ii ) from 

the ATPS formulation, no emulsion formation was observed, resulting in a 

single-phase system. In contrast, different concentrations of NaCl (Figures 

4.2a, iii - x) and GelMA (Figures 4.2c, iii - viii ) resulted in different sizes of 

GelMA droplets. Increasing the NaCl concentration, the size of the droplets 

varied from an average of 12.8 µm for the 9 g/L NaCl formulation to an average 

of 52.4 µm for the 36 g/L NaCl formulation (Table 4.3).  

NaCl (g/L) 9 18 27 36 

Average 

diameters (µm) 
12.8 ± 2.55 21.5 ± 4.11 39.3 ± 9.65 52.4 ± 11.44 

 

Table 4.3. Diameter of droplets as salt concentration increases. Mean ± S.D. n=50. 

 

It is known that the increase in size of the droplets is due to the salting out 

effect233. As salts reduce the solubility of the polymer in solution, the less 

soluble component (GelMA in this formulation) can precipitate from the 

aqueous solution, forming a separate phase. Furthermore, the molecular weight 

of a polymer is known to be directly proportional to its solubility, resulting in 

GelMA (90 kDa molecular weight) appearing less soluble than alginate (35 

kDa molecular weight) and consequently being responsible for the increase in 

the volume fraction of the dispersed phase. Regarding the increase in the 

percentage of GelMA, a higher concentration of 7% was not tested due to the 

high viscosity of the solution and the small size of the channel. 
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A non-significant polydispersion was observed for all ATPS formulations 

studied (Figures 4.2b ï 4.2d). Variation in the size distribution of droplets may 

be due to several factors, such as (i) the method used to prepare the emulsion, 

(ii) the polarity of the solvent, (iii) mechanical alteration of the tubes connected 

to the microfluidic device. The polarity of the NaCl + HEPES solution and its 

miscibility with the dispersed phase can affect the size and distribution of the 

droplets. Indeed, it is well established that the higher solvent polarity promotes 

of droplets with a smaller diameter234. Additionally, excessive agitation of 

polymer solutions or prolonged heating can cause the formation of larger 

droplets or the breakage of droplets already formed235. Thus, we have noted 

that mechanical alteration of the tube connected to the microfluidic chip can 

slightly destabilise the emulsion and the formation of droplets.  

 

4.3.2 Physical characterisation of ATPs inks demonstrated 

compartmentalised internal architecture 

A library of ATPS formulation was prepared to observe the effect of salting 

out and the macroscopic behaviour of the emulsions. A marked increase in the 

dispersed phase was observed due to a progressive increase in the lower phase 

(GelMA) of the ATPS system. In particular, it was noted that in absence of 

NaCl, no ATPS formation was observed, with a single-phase system and a 

completely transparent solution being observed within the vial (Figure 4.3a).  
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Figure 4.3. Physical and morphological analysis of ATPSs. a) Images of the different 

distributions of the alginate and GelMA phases of the ATPS systems as the salt concentration 

increases. b) Brightfield confocal images of the emulsions as the NaCl content increases. In 

white the external alginate phase, in black the internal GelMA droplets. c) Confocal 

fluorescence images of the ATPS emulsion. c-i) External alginate phase labelled with FITC, 

c-ii) internal GelMA phase labelled with rhodamine B, c-iii) brightfield image of the emulsion, 

c-iv) merged fluorescence image. d) Average of droplet diameters measured at different salt 

concentrations e) Volume fraction of dispersed phase calculated for ATPS at different NaCl 

concentrations. f) Average of droplet diameters measured at different GelMA content. Scale 

bars: (b) 50 ɛm, (c) 30 ɛm. Statistical significances were assessed by one-way ANOVA. Mean 

± S.D. n=50, ****p<0.0001. 

 

In contrast, by increasing the amount of salt percentage, the system became 

progressively biphasic and opaque. By confocal microscopy, the internal 

structure of the ATPS was validated, observing an increase in the fraction of 



  

121 
 

dispersed phase as the salt content increased (Figure 4.3b). The distribution of 

the two phases of alginate and GelMA was clarified by labelling alginate with 

FITC and GelMA with Rhodamine B. Following the formation of the ATPS, 

the structure was observed by confocal microscopy (Figure 4.3c) and the 

internal distribution of GelMA-RB and the external distribution of Alginate-

FITC were confirmed. The size of the GelMA droplets (Figure 4.3d) the area 

fraction of dispersed phase (Figure 4.3e) were found to be directly related to 

the salt content, finding a significant (p<0.0001) exponential ratio between 

dispersed phase and NaCl percentage. Furthermore, the same direct and 

significant (p<0.0001) proportionality was observed between the average size 

of the droplets as the GelMA content increased (Figure 4.3f).  

These observations are coherent with previously reported behaviours in 

aqueous biphasic systems, where the increase in salt concentration increases 

the salting-out effect, promoting phase separation and the formation of larger 

droplets. With higher salt concentration, increased interfacial tension between 

phases was observed, which facilitates the coalescence of smaller droplets into 

larger droplets. In addition, the higher ionic strength was shown to reduce the 

electrostatic repulsion between the droplets, facilitating their fusion and 

contributing to the observed increase in dispersed phase236,237. 

The ATPS fibres were also evaluated for swelling up to 24 h after their 

production, and a slight decrease in fibre diameter was observed after 12 h, 

followed by an increase in fibre size for both formulations studied (0 g/L NaCl 

and 36 g/L NaCl) (Figures 4.4a-b).  
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Figure 4.4. Swelling and mechanical analysis of printed ATPS fibres. a) Images of fibres 

swelling at 0 g/L NaCl taken a-i) 0 hours, a-ii) 12 hours, a-iii) 24 hours and fibres at 36 g/L 

NaCl taken a-iv) 0 hours, a-v) 12 hours and a-vi) 24 hours. b) Quantification of printed fibres 

swelling at 0 - 36 g/L NaCl. c) G' and G'' values obtained from compression tests performed 

on samples at c-i) 0, c-ii) 9 and c-iii) 36 g/L with and without GelMA cross-linking. Scale bar: 

(a) 100 ɛm. Statistical significances were assessed by one-way ANOVA. Mean ± S.D. n=3, 

****p<0.0001, ***p<0.001. 

 

The swelling of the fibres was found to be higher in the fibres obtained with a 

salt content of 36 g/L compared to the diameters measured in the formulations 

without NaCl. Porous fibres exhibit higher swelling than non-porous fibres, 

which can be attributed to their larger surface area and greater ability to absorb 

water. The porous structure allows increasingly water penetration and 

retention, leading to a pronounced swelling effect, as observed in other 

hydrogel systems where porosity enhances fluid absorption238,239. In addition, 
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the pores are presumably creating a less dense network, allowing for greater 

swelling compared to denser, non-porous fibres. Ultimately, mechanical tests 

were also carried out to evaluate the storage and loss modulus of scaffolds in 

which both cross-linked and non-cross-linked GelMA were studied (Figure 

4.4c). All hydrogel samples containing GelMA showed distinction between G' 

and G'' values in the 100-200 kPa and 20-100 kPa range respectively, 

confirming the predominantly elastic response with greater stiffness values 

registered for the composition at 9 g/L NaCl content. Elastic and characteristic 

gel behaviour was also observed in the case of GelMA-free compositions at a 

concentration of 0 g/L and 9 g/L NaCl. In details, the slight increase in modulus 

observed for the composition containing 9 g/L salt following the removal of 

GelMA may be related to the presence of homogeneously distributed porosity 

in the sample. At the same time, the mechanical properties of the composition 

containing no salt do not seem to be clearly affected by the presence or absence 

of GelMA. In the case of the composition containing 36 g/L NaCl, a different 

mechanical behaviour was observed following the removal of GelMA, 

showing a predominantly viscous behaviour, that can be potentially 

reconducted to the presence of non-cross-linked GelMA in the porosity of the 

material. 

 

4.3.3 Selective removal of ATPS phases can modulate degradation and 

material release 

In order to confirm the phase disposition of the APTS system, and which of 

the two phases acts as a porosity templating agent, a selective dissolution of 

both alginate and GelMA was performed. In the selective removal of alginate, 
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the behaviour of the 3D constructs (cross-linked both chemically and 

physically) was observed at 0 g/L NaCl and 36 g/L NaCl before and after the 

use of the enzyme alginate lyase (Figure 4.5a).  

 

Figure 4.5. Selective degradation of GelMA and alginate in ATPS systems. (a) Selective 

degradation of alginate into ATPS fibres. Non-porous samples at 0 g/L NaCl a-i) before and 

a-ii) after incubation with alginate lyase. Porous samples at 36 g/L NaCl a-iii) before and a-iv) 

after alginate lyase. b) Selective degradation of GelMA in ATPS scaffolds. Confocal images 

with b-i) GelMA maintenance and with b-ii) GelMA removal. c) Degradation test performed 

on samples at 0 ï 9 ï 36 g/L. Degradation test on samples in which c-i) GelMA was chemically 

cross-linked and alginate was physically reticulated and degradation test on samples in which 

c-ii) GelMA was not chemically cross-linked and alginate was physically reticulated. Scale 

bars: (a) 100 ɛm, (b) 25 ɛm. Statistical significances were assessed by one-way ANOVA. 

Mean ± S.D. n=3, ****p<0.0001. 

 

In the case of the non-porous fibres with no salt content (Figures 4.5a, i ï ii ), 

partial degradation of the fibre but not complete collapse of the structure was 

observed. This suggests that even without alginate, GelMA retains a degree of 

structural integrity in non-porous fibres, playing a supporting role rather than 
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being entirely dependent on the alginate matrix for stability. In contrast, in the 

porous samples at 36 g/L NaCl, the enzyme completely degraded the external 

fibre structure, causing the release of GelMA droplets. This observation 

highlights the role of alginate as the primary porosity-templating agent in 

porous fibres. The higher salt content favours phase separation, leading to a 

distinct porous structure in which alginate constitutes the continuous phase. 

When alginate is removed, the scaffold collapses, confirming that the porous 

structure is highly dependent on alginate, with GelMA present in dispersed 

form that is released when the alginate matrix is degraded. 

For the exclusive dissolution of GelMA, 9 g/L salt scaffolds were produced in 

which only the alginate was physically cross-linked. The sample was placed in 

an incubator at 37 °C for 2 h to eliminate the chemically non-cross-linked 

GelMA. As a control, an equal sample was prepared but stored in a 4 °C fridge 

after the physical cross-linking of the alginate and to prevent the GelMA from 

dissolving and consequently being removed. It was noted that the scaffolding 

structure following GelMA dissolution resulted porous, whereas in the 

structures where GelMA was not removed, both emulsion phases were still 

present (Figures 4.5b, i ï ii ). 

A 7-day in-vitro degradation test was further performed to assess the stability 

of the scaffolds and their ability to degrade over time with both cross-linked 

and chemically non-cross-linked GelMA as an internal emulsion phase. It was 

observed that the samples in which GelMA was not chemically cross-linked 

degraded more rapidly compared to the structures in which GelMA was cross-

linked and maintained within the scaffolds (Figures 4.5c, i ï ii ). The result 

revealed a higher stability of the cross-linked structures, thus highlighting how 
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the cross-linking process significantly (p<0.0001) changes the mechanical 

properties and resistance to degradation of the scaffolds. The formulation that 

includes cross-linked GelMA tends to be more resistant to hydrolytic 

degradation due to the denser network. On the other hand, as confirmed in the 

work of Velasco and co-workers240, non-cross-linked GelMA degrades rapidly 

under physiological conditions, as lacks the stability provided by the cross-

linking network. 

 

4.3.4 Microfluidic -assisted 3D bioprinting of ATPSs facilitate the 

patterning of micro-porous structures 

ATPS systems were printed with a custom-made flow-focusing microfluidic 

printhead. By using microchannels made to create a central flow of ATPS 

biomaterial surrounded by the cross-linking CaCl2 solution, it was possible to 

deposit porous (9 - 18 - 27 - 36 g/L NaCl) and non-porous (0 g/L NaCl) lattice 

structures in-air layer by layer (Figure 4.6a).  

 

Figure 4.6. Microfluidic 3D bioprinting of ATPSs. a-i) Image of the microfluidic printhead 

during 3D deposition of an ATPS scaffold. a-ii) Air -printed ATPS scaffold lattice layer by 

layer with detail of a single fibre in a-iii) brightfield and in a-iv) alginate autofluorescence at 
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405 nm. b) OCT images of the ATPS systems. b-i) Printed grid image for the 0 g/L NaCl 

composition, b-ii) frontal fibre image, b-iii) fibre sections. b-iv) Printed grid image for the 36 

g/L NaCl composition, b-v) frontal fibre image, b-vi) fibre sections.  

 

To investigate the internal structure of the printed scaffolds, an OCT analysis 

was performed (Figure 4.6b). After producing the scaffolds without chemical 

cross-linking of GelMA, the latter was dissolved overnight in an incubator for 

the complete removal of the internal phase of the scaffolds. As confirmed in 

previous analyses, the results showed that the non-porous 0 g/L salt scaffolds 

had a compact and homogenous internal structure, whereas the 36 g/L NaCl 

scaffolds were characterised by interconnected internal pores. In addition, 

SEM analysis was conducted to assess the internal porosity of the scaffolds. 

From the acquired images, it was possible to confirm that the fibres of the 

monophasic system (0 g/L NaCl) were found homogenous and smooth in 

surface, while the ATPS structure (36 g/L NaCl) showed evident internal 

interconnected porosity (Figure 4.7).  

 



  

128 
 

 

Figure 4.7. SEM characterisation of ATPS scaffolds. SEM top view images of the freeze-dried 

fibres at i, ii) 0 g/L NaCl and iii-iv) 36 g/L NaCl. SEM images of sections of lyophilised fibres 

at v-vi) 0 g/L NaCl and vii-viii) 36 g/L NaCl. Scale bars: (iii) 500 ɛm, (iv) 100 ɛm, (vii) 100 

ɛm, (viii) 50 ɛm. Mean ± S.D. n=3. 

 

The rheological properties of GelMA-Alginate ATPS were investigated in 

relation to NaCl concentration (CNaCl), revealing notable effects on viscosity, 

complex viscosity, and mechanical spectra. As shown in Figure 4.8a, shear 

viscosity decreased with increasing CNaCl, reaching a minimum at N18, 

followed by a linear increase. The highest viscosity was observed at N9, driven 

by the overall polymer concentration in the continuous phase, with a limited 

contribution from the droplet phase due to its low volume fraction.  
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Figure 4.8. Rheological properties of GelMA-Alginate ATPS. Viscosity (Pa s) VS (a) shear 

stress (s-1) and (b) frequency (Hz). c) Viscosity VS NaCl concentration (% w/v). d) ATPS 

mechanical spectra (Gô and Gôô). Scale bar: (a ï iv) 100 µm. Mean ± S.D. n=3. 

 

This behaviour aligned with existing literature241, where NaCl influenced 

phase separation by shielding electrostatic repulsion between polymers, 

resulting in changes in droplet size and packing density. Similar trends have 

been reported for other similar hydrogel systems, where salt concentration 

modulated viscosity by affecting polymer-solvent interactions and phase 

behaviour242. The shear thinning behaviour observed at higher CNaCl 

concentrations, particularly in N27 and N36, was attributed to the increased 

dispersed phase volume fraction, leading to more frequent droplet deformation 

and interaction under shear. This finding was consistent with studies on 

colloidal dispersions243, where denser droplet phases exhibited more 
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pronounced shear thinning due to droplet interactions. Furthermore, the 

complex viscosity (ɖ*) as a function of frequency was highlighted (Figure 

4.8b), showing peaks at low frequencies for N9, N18, and N36 that shifted to 

higher frequencies as CNaCl increased. This behaviour suggested that energy 

storage occurred due to interfacial deformation between the droplets and the 

continuous phase. Similar behaviour has been documented in biopolymer 

solutions, where increased CNaCl strengthened the droplet phase, reflecting 

enhanced energy storage capacity244.  

The partitioning of GelMA and alginate between the continuous and droplet 

phases, as demonstrated in Figure 4.8c, mirrored literature findings on phase 

separation in ATPS systems245. At low NaCl concentrations, GelMA and 

alginate remained predominantly in the continuous phase, while at higher 

NaCl, more GelMA transitioned to the droplet phase, leading to changes in 

viscosity. This behaviour has been observed in other studies246, where NaCl 

influenced the partitioning of macromolecules and, consequently, the 

rheological properties of the system. Finally, the mechanical spectra in Figure 

4.8d further supported the previous findings, indicating a crossover frequency 

(fc) where elastic properties dominated at lower frequencies, and liquid-like 

behaviour occurred at higher frequencies. As CNaCl increased, fc shifted to 

higher values, reflecting the transition from viscous-dominated to more solid-

like behaviour, which was consistent with increased droplet packing and phase 

separation previously reported247.  
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4.3.5 C2C12 remain viable following extrusion and preferentially spread 

over dispersed phase with higher NaCl concentration 

C2C12 cells were encapsulated in ATPS inks at increasing NaCl 

concentrations. High viability was observed in all conditions up to 7 days of 

scaffold culture, with an increase at day 7 compared to day 1 (Figures 4.9a, i) 

confirming the biocompatible effect of NaCl inclusion.  

 

Figure 4.9. Cell viability of C2C12 in ATPS systems. a-i) Confocal images with C2C12 

labelled with Calcein to show live cells (green) and cells labelled with propidium iodide to 

show dead cells (red). Quantification of cell viability in ATPS systems where a-ii) GelMA was 

cross-linked and in samples where a-iii) GelMA was removed. Scale bars: (a) 100 µm. 

Statistical significances were assessed by two-way ANOVA. Mean ± S.D. n=3, *p<0.05. 
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Viability was found significantly increased (p<0.01) over 7 days of culture 

(Figures 4.9a, ii) in the presence of GelMA. However, following GelMA 

removal (Figures 4.9a, iii) the viability was found non-significantly consistent 

over the period of 7 days. GelMA is highly biocompatible, resembling the 

natural ECM. Studies have shown that cells encapsulated in GelMA exhibit 

high viability, promoting cell adhesion and proliferation over time248. In 

contrast, the use of alginate as a biomaterial generally requires modifications 

to improve cell adhesion and viability249. The lack of these modifications in 

the molecular structure of alginate chains often results in a reduced cell 

viability, as was confirmed from our analyses in which alginate scaffolds were 

cleaned of their internal GelMA phase. By culturing 3D bioprinted and 

marking the nuclei and actin filament of the cells, the spatial arrangement and 

spreading of C2C12 inside the printed ATPS were assessed (Figures 4.10a-d).  
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Figure 4.10. Spatial distribution of C2C12 in ATPS systems. a-b-c) Confocal images with 

C2C12 labelled with DAPI to show nuclei (blue) and cells marked with phalloidin to show f-



  

134 
 

actin (magenta). d) Orthogonal view of image c-i. Circularity analysis conducted on the 

formulation e-i) NaCl 0 g/L with GelMA, e-ii) NaCl 9 g/L with GelMA, e-iii) NaCl 36 g/L 

with GelMA, f-i) NaCl 0 g/L without GelMA, f-ii) NaCl 9 g/L without GelMA and f-iii) 

NaCl 36 g/L without GelMA. g) Cell circularity as a function of salt concentration. g-i) Cell 

circularity for each NaCl composition within the ATPS samples is shown. The pink contour 

marks samples with + GelMA; the blue contour marks samples with - GelMA. g-ii) Cell 

circularity is inversely proportional to the salt concentration in the hydrogels. When the 

amount of NaCl in the scaffolds is higher, the cells are more elongated. Scale bars: (c) 100 

µm. Statistical significances were assessed by two-way ANOVA. Mean ± S.D. n=3, 

****p<0.0001, ***p<0.001, **p<0.01, *p<0.05. 

 

From confocal analysis, it can be appreciated that in the absence of GelMA as 

ATPS phase, C2C12 were arranged in a relatively random pattern, with no 

particular spreading within the ATPS. In contrast, 3D bioprinted structures 

with chemically cross-linked GelMA, cells in the 0 - 9 g/L systems presented 

a similar spreading behaviour, with the C2C12 in the 9 g/L NaCl material being 

more located in the GelMA droplets. The distribution of C2C12 within the 36 

g/L NaCl material, on the other hand, was markedly more oriented inside the 

inner phase droplets, where the cells were concentrated inside and grew along 

the entire surface of the GelMA droplets. This behaviour is attributable to the 

enhanced cell adhesion properties of GelMA compared to alginate250. The 

RGD (Arg-Gly-Asp) sequences of GelMA favour cell organisation, creating 

an interconnected network in the inner phase droplets251. When alginate is 

more abundant in the ATPS formulation, there is reduced cell diffusion, and 

cells appear to remain more rounded and isolated252. The increased salt 

concentration in ATPS results in a higher phase separation between GelMA 

and alginate, causing cells to localise more in GelMA-rich regions. Circularity 
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analyses performed on C2C12 within the ATPS hydrogels confirmed what was 

observed by confocal analysis (Figures 4.10e-g). In fact, the elongated cells in 

the 36 g/L systems showed significant circularity values tending closer to 0 (0: 

non-circular - 1: circular), whereas the 0 - 9 g/L cells were more round with 

higher circularity values.  

To assess whether the spatial arrangement of C2C12 within the biomaterial 

was a standard behaviour, DAPI was used to label the nuclei of various cell 

types (A549, C2C12, MG63, HBMSCs) encapsulated both in samples in which 

both emulsion materials (alginate with CaCl2 and GelMA with visible light) 

were cross-linked, and in samples in which cross-linking occurred only for the 

alginate (without GelMA) (Figure 4.11).  
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Figure 4.11. Partitioning of different cell types within the various ATPS scaffold formulations. 

Brightfield and confocal (merged) images representative of cells labelled with DAPI to show 

the nucleus (blue) of the different cell types (A549, C2C12, MG63, HBMSCs), and GelMA 

marked with rhodamine B to show the inner phase (red) of the scaffolds at 0 - 9 - 36 g/L. In 

all cell types, images were taken both under conditions where GelMA was not chemically 
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cross-linked (-GelMA) and under conditions where GelMA was chemically cross-linked 

(+GelMA). Scale bars: (a, b, c, d) 100 ɛm. Mean ± S.D. n=3.   

 

The latter condition was essential in order to be able to identify, depending on 

the salt concentration used (0 - 9 - 36 g/L NaCl), in which of the two phases 

(outer phase of alginate or inner phase of GelMA) the cells were located. The 

results showed that when the salt concentration was 0 g/L NaCl, the system did 

not form emulsions and the cells were arranged randomly and non-

homogeneously. In contrast, when the system formed emulsions (9 - 36 g/L 

NaCl), most of the cells organised themselves within the GelMA droplets and 

to a lesser quantity in the outer alginate phase. In particular, the 36 g/L NaCl 

conditions and in larger droplets, cells were increasingly stimulated to arrange 

themselves within the dispersed phase. This behaviour aligned with previous 

research, suggesting that while GelMA enhanced cell adhesion and 

organization due to its RGD motifs233, alginate offered excellent structural 

support and stability253, which can be further leveraged to modulate cell 

behaviour. Indeed, alginate facilitated the formation of well-defined 

microenvironments that promoted cellular encapsulation, protection, and 

growth, particularly in high-salt conditions where phase separation promotes 

localised cell clustering. 
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4.3.6 HBMSCs spreading ratio increase with higher salt dispersion in 3D 

printed constructs 

The functionality of HBMSCs in ATPS structures was investigated, both in 

terms of cell spreading/viability and the osteogenic differentiation capacity of 

the cells depending on the different salt concentrations. Following the 

observation of more consistent behaviour in conditions where GelMA was 

preserved and cross-linked within ATPS hydrogels, the experiments were 

narrowed to only those formulations containing cross-linked GelMA (0, 9, and 

36 g/L salt). Consequently, experiments on formulations without cross-linked 

GelMA were discontinued. In the selected scaffolds, alginate was cross-linked 

physically, while GelMA was cross-linked chemically. Initially, the viability 

of the HBMSCs within hydrogels was evaluated in increasing concentration of 

NaCl in ATPS, with a direct proportionality of viability at day 7 with the salt 

content within the formulations (Figure 4.12). 

 

Figure 4.12. Cell viability of HBMSCs incapsulated in ATPS scaffolds. a) Confocal images 

with HBMSCs cells labelled with Calcein to show live cells (green) and cells labelled with 

propidium iodide to show dead cells (red) for the condition a-i) 0 g/L NaCl, a-ii) 9 g/L NaCl 

and a-iii) 36 g/L NaCl. b) Quantification of cell viability at day 1 and day 7 for samples 0 - 9 
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- 36 g/L. Scale bar: (a) 100 ɛm. Statistical significances were assessed by two-way ANOVA. 

Mean ± S.D. n=3.  

 

The achieved results were particularly noteworthy considering that alginate is 

generally known for its lack of adhesion properties254, which often resulted in 

limited cell viability when used as an independent scaffold material. Despite 

these limitations, the combination of alginate and GelMA in our ATPS system 

produced improved cell viability under all conditions. As outlined above, the 

GelMA and alginate-based ATPS synergistically exploited the complementary 

properties of both biomaterials: GelMA provided high cell adhesion and 

promotes cell233, while alginate provided superior structural integrity and 

mechanical stability253. This collaboration resulted in improved cell behaviour 

and functionality within the composite ATPS hydrogels. 

The cellular distribution of HBMSCs in ATPS hydrogels (Figure 4.13a) was 

then confirmed and the spreading assessed by staining of nuclei and f-actin 

(Figure 4.13b). HBMSCs were found to preferentially concentrate within the 

GelMA phase of 36 g/L salt samples, colonizing the entire volume and 

preferentially growing around the phase boundaries.  
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Figure 4.13. Spreading and osteogenic differentiation of HBMSCs in ATPS hydrogels at 

different salt concentrations. a) Microfluidic 3D bioprinting of HBMSCs ATPS-scaffolds. b-

c-d) Confocal images with HBMSCs labelled with DAPI to show nuclei (blue) and cells 
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marked with phalloidin to show f-actin (green). e) RT-qPCR analysis of HBMSCs after 7 days 

of 3D culture in basal and osteogenic media. The expression of genes associated with 

osteogenic differentiation was examined to observe the effect of different culture media on 

ATPS scaffolds. The expression levels of OSX, RUNX2, ALP, COL1A1, OCL and OCN were 

significantly higher in ATPS constructs cultured in osteogenic media at day 7 compared to 

controls in basal media. f) IF images with HBMSCs labelled with DAPI to show nuclei (blue) 

and cells marked with BMP-2 monoclonal antibody to show BMP-2 (yellow). g) ALP staining 

performed at day 1 and day 7 in samples at 0 ï 9 ï 36 g/L NaCl treated in basal and osteogenic 

medium. Scale bars: (b, f) 100 µm, (g) 100 µm ï 1 mm. Statistical significances were assessed 

by two-way ANOVA. Mean ± S.D. n=3. 

 

To assess the capacity for osteogenic differentiation, the expression of specific 

genes of HBMSCs encapsulated in ATPS hydrogels was determined by RT-

qPCR (Figure 4.13e). ATPS scaffolds were maintained in culture with both 

basal and osteogenic medium. A pronounced increase was observed at day 7 

in the levels of the OSX, RUNX2 and ALP genes when the scaffolds were 

cultured in osteogenic medium. The expression of a further gene related to 

osteogenic differentiation (BMP-2) was observed by confocal microscopy in 

ATPS scaffolds at increasing salt concentrations (Figure 4.13f). Higher 

expression was detected in the case of the hydrogels at 36 g/L salt when they 

were cultured in osteogenic medium. In particular, the GelMA droplets 

appeared to stimulate and enhance the accumulation of BMP-2 within the 

dispersed phase. The increase in gene expression suggests that the presence of 

GelMA provides an ideal microenvironment for osteogenic differentiation. 

Indeed, the presence of BMP-2 demonstrates bone matrix production and 

mineralisation255 in ATPS scaffolds. 
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Finally, ALP staining revealed a substantial difference between ATPS 

scaffolds treated in basal medium and osteogenic medium up to 7 days (Figure 

4.13g). In particular, at day 1 there was no particular difference in the level of 

ALP expression, whereas at day 7 the difference between samples in basal 

medium and samples in osteogenic medium was marked. Indeed, when treated 

in osteogenic medium, ALP expression was notably higher, with greater 

disposition and expression localised within the GelMA droplets. This is 

consistent with the expected timing of osteogenesis, in which ALP expression 

increases as cells start to deposit the initial bone matrix256. The observation of 

the higher ALP expression in the GelMA droplets further underlines the role 

of GelMA as a bioactive component that increases the osteogenic potential of 

the encapsulated HBMSCs. 

 

4.4 Conclusions 

The development of ATPS bioinks for 3D bioprinting represents a significant 

advancement in TERM. By finely tuning the composition of GelMA and 

alginate, as well as the concentration of NaCl, we successfully controlled the 

formation and properties of W/W emulsions. The tunable NaCl salt 

concentration exerted a direct influence on the size and disposition of the 

dispersed GelMA droplets within the alginate phase, thereby enabling the 

fabrication of well-defined and complex structures. Notably, mechanical 

analysis demonstrated a clear relationship between salt concentration and the 

mechanical properties of the scaffolds, with higher NaCl concentrations 

resulting in more porous and elastic structures, which was validated by both 

rheological testing and OCM. Cell encapsulation (A549, C2C12, MG63, and 
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HBMSCs) showed that the ATPS inks supported cell viability, spreading, and 

differentiation over time. Most importantly, ATPS induced the agglomeration 

of cells in small pockets, resulting in an effective compartmentalisation of the 

3D printed fibre. In particular, HBMSCs cultured in ATPS scaffolds exhibited 

significant osteogenic differentiation, with enhanced expression of key 

markers such as RUNX2 and BMP-2 when cultured in osteogenic medium, 

confirming the potential to guide bone tissue regeneration.  

Altogether, the versatility of ATPS biomaterial inks offers a powerful tool for 

engineering complex tissue architectures with microscale precision. The 

ability to selectively control cell behaviour and scaffold porosity provides a 

unique opportunity for creating functional tissue substitutes, paving the way 

for future clinical applications in regenerative medicine. 
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Chapter 5 ï Development of a US-assisted 3D 

bioprinting approach to prime the differentiation 

of skeletal stem cells  

5.1 Introduction 

Bone injuries and defects represent a significant global health burden, often 

resulting from trauma, neoplasia and infection257. These conditions are 

associated with significant morbidity, including chronic pain, functional 

impairment and recurrent hospitalisation. Autologous bone grafting is the 

current gold standard treatment. However, this approach is limited by donor 

tissue availability, donor site morbidity and prolonged operative times258. 

These limitations are alleviated by a number of alternatives such as allografts 

and xenografts but carry risks related to immunogenicity and pathogen 

transmission259. Artificial implants, while offering immediate structural 

support, often demonstrate suboptimal osseointegration while being typically 

prone to failure260. To overcome the limitations of conventional treatments, 

TERM has emerged as a promising therapeutic strategy for skeletal 

regeneration33. Typical approach involves the inclusion of cells in scaffolds 

fabricated with biocompatible and biodegradable materials, which are 

carefully designed to mimic the mechanical and functional properties of native 

tissues261. The scaffolds provide an optimal micro-environment that supports 

cell adhesion, proliferation and differentiation, both on the surface and within 

the scaffold matrix262. As cellular development progresses, the newly formed 

tissue seamlessly integrates with the natural structures of the host, while the 
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scaffold undergoes a controlled process of biodegradation, ultimately 

providing the templating architecture for the regeneration of the human tissue.  

A notable advance in this area is represented by the advent of 3D bioprinting 

technology, which facilitates the precise fabrication of cell-embedded 

scaffolds263. Using syringe-based or custom-designed printheads (e.g. 

microfluidic printheads), 3D bioprinting enables the controlled deposition of 

biomaterials and cells in well-defined patterns57. The printheads can be 

integrated with traditional 3D printers equipped with axial (x, y, z) systems264 

or incorporated into more advanced robotic arms265, offering increased 

precision and flexibility for patient-specific applications such as targeted tissue 

regeneration and reconstructive surgery266. The entire 3D bioprinting process 

is controlled by precise flow rates of materials and cells, ensuring extreme 

accuracy54. A key advantage of TE and 3D bioprinting is the incorporation of 

HBMSCs which are inherently capable of differentiating into multiple 

specialised cell types, including osteoblasts, adipocytes, chondrocytes and 

myocytes137,267. Indeed, by providing precise biochemical and mechanical 

stimuli, HBMSCs can be directed towards osteogenic or other relevant 

lineages107,109,268, enabling the fabrication of implants tailored to the specific 

biological needs of the patient. This approach not only enhances 

biocompatibility and reduces the risk of immune rejection, but also enables 

personalised and adaptive therapeutic intervention to address complex skeletal 

defects269. Nevertheless, the guided differentiation protocol for HBMSCs has 

not been uniquely agreed holding enormous challenges in terms of time, cell 

yield and ultimate functionality. Thus, the osteogenic differentiation of 

HBMSCs has been found to be significantly enhanced by the application of 

external stimuli, such as LIPUS148. Indeed, LIPUS has demonstrated 
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tremendous promises for the regeneration of bone tissue via a non-invasive 

delivery of precise mechanical signals to target cells270. Through manipulation 

of parameters such as intensity, acoustic pressure and treatment time125,127,128, 

LIPUS creates a mechanical pressure field that activates a series of molecular 

processes, including the release of cytokines, growth factors and adhesion 

molecules that collectively promote cell proliferation, migration and 

differentiation267. Several studies have shown that LIPUS promotes osteogenic 

differentiation by upregulating key bone-related genes such as COL1A1, ALP, 

OCN and BMP-2147,149,150,168. Furthermore, LIPUS has been shown to 

accelerate bone healing and reduce fracture healing time by increasing protein 

synthesis and ECM production271. The osteogenic potential of LIPUS is 

significantly enhanced when paired with MBs, creating a synergistic effect that 

enhances HBMSCs responses and differentiation165. When exposed to LIPUS, 

MBs start to oscillate, focusing the mechanical forces on adjacent cells and 

promoting cellular processes272. A library of MBs is FDA-approved for usage 

in medical applications due to their ability to induce cavitation273,274, which 

can transiently permeabilise cell membranes, facilitate drug delivery and 

temporarily disrupt biological barriers275.  

Despite advances in 3D bioprinting and LIPUS technologies, no current system 

integrates these methods to provide uniform, sustained and precise stimulation 

to all cells during the fabrication of a 3D bioprinted construct. The aim of the 

current study is to develop and validate a novel microfluidic printhead (Figure 

5.1) capable of delivering LIPUS during the 3D bioprinting process, 

specifically targeting the osteogenic differentiation of HBMSCs. The 

incorporation of MBs is intended to further enhance cellular responsiveness to 

LIPUS and facilitate more effective differentiation into bone tissue. By 
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combining LIPUS with 3D bioprinting, this research aims to produce 

functional, implantable scaffolds designed for osteogenic outcomes. The 

results presented here demonstrate the potential of this synergistic strategy, 

which provides a practical and scalable approach for the production of bone 

tissue constructs for clinical applications in bone regeneration. 

 

Figure 5.1. Rational of the 3D bioprinting approach combined with LIPUS-driven stem cell 

differentiation for skeletal tissue repair. The process illustrates the use of a microfluidic 

printhead designed to drive stem cells into osteogenic differentiation via LIPUS stimulation, 

enabling the creation of customisable, biodegradable 3D skeletal scaffolds. These scaffolds 

are intended for implantation to enhance bone repair and address skeletal defects, providing a 

biodegradable alternative to traditional autologous bone grafts and metal implants that require 

frequent surgical revision. 
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5.2 Materials and methods 

5.2.1 Materials 

Gelatin from porcine skin (~300 g Bloom, Type A), PBS, HEPES, MA, 2-(N-

Morpholino)ethanesulfonic acid (MES) monohydrate, 2-aminoethyl 

methacrylate hydrochloride (AEMA), N-hydroxysuccinimide (NHS), EDC, 

1,2-Distearoyl-sn-glycero-3-phosphocholine (DSPC), polyethylene glycol 40 

stearate (PEG40S), NaCl, Glycerol, Lithium phenyl-2,4,6-

trimethylbenzoylphosphinate (LAP), Collagenase D, ŬMEM,  L-Glutamine, 

Penicillin-Streptomycin, FBS, Trypsin-EDTA solution (1x), ɓ-

Glycerophosphate disodium salt hydrate (ɓ-GP), AA2P, Dexamethasone, 

Formaldehyde solution (37 % in water), TritonÊ X-100,  BSA, DAPI, Naphtol 

AS-MX Phosphate Alkaline, Fast Violet Salt, 3,4-Dihydroxy-9,10-dioxo-2-

anthracenesulfonic acid sodium salt (Alizarin Red S), Ammonium hydroxide 

solution (25%), Latex beads (amine-modified polystyrene, fluorescent yellow-

green, 1 µm) and Micro particles based on polystyrene (red fluorescent, 10 µm) 

were purchased from Sigma Aldrich. Calcein (AM, cell-permeant dye), 

Propidium Iodide, Goat anti-Rabbit IgG (H+L) Cross-Adsorbed Secondary 

Antibody ï Alexa FluorÊ 488, Goat anti-Mouse IgG (H+L) Highly Cross-

Adsorbed Secondary Antibody ï Alexa FluorÊ 594, Osteopontin Monoclonal 

Antibody, Osteocalcein Polyclonal Antibody and TRIzol Reagent were 

obtained by ThermoFisher Scientific. EtOH, chloroform and acetone were 

purchased from Carlo Erba (Italy). Alginate (Protanal® GP 1740), 

SYLGARDÊ 184 Silicone Elastomer Kit (PDMS) and Invicta 907 was 

obtained from FMC BioPolymer, Dow and Rimas Engineering (Italy) systems, 
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respectively. Agarose was purchased from Carbosynth. Perfluorobutane gas 

(PFB) was obtain from F2 Chemicals.  

5.2.2 Synthesis of Gelatin Methacryloyl 

GelMA was synthesised according to a previously reported method56. Gelatin 

was dissolved in PBS at a concentration of 10% w/v and maintained at 50 °C. 

After 1 hour, MA (0.8 g each gram of gelatin) was added, and the reaction was 

halted after 3 hours. The solution was then placed in 1 kDa dialysis tubes, with 

DW (18 ɀɋ cm-1) being refreshed twice a day for 5 days. The final GelMA 

product was frozen at -80 °C, lyophilized (LyoQuest, Teslar, Italy), and stored 

at 4 °C until needed. 

5.2.3 Synthesis of Alginate Methacrylate 

Alginate Methacrylate (AlgMA) was synthesised using a previously 

established protocol276. Sodium alginate was dissolved (2% w/v) in 100 ml of 

0.05 M MES buffer containing 0.5 M NaCl at pH 6.5. To activate the carboxyl 

groups of the alginate, NHS (0.53 g) and EDC (1.75 g) were added to the 

solution left to stir for 5 min at rt. Following, AEMA (0.76 g) was introduced, 

and the reaction was allowed to proceed with continuous stirring at rt for 24 

hours in the dark. The resulting solution was poured into 500 ml of cold 

acetone to precipitate the AlgMA product. The precipitate was collected via 

vacuum filtration, washed three times with acetone, and dried under vacuum. 

The dried AlgMA was rehydrated in DW to a final concentration of 1% (w/v) 

and the solution was dialysed against DW using a dialysis membrane with a 

cut-off of 3.5 kDa for 3 days. After dialysis, the solution was filtered, frozen (-

80°C) freeze-dried, and stored at -20 °C for further use.  
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5.2.4 Supporting bath for 3D bioprinting 

The supporting bath was prepared according to a procedure reported 

previously56. Agarose (0.5 g) was dissolved in DW (100 ml) to achieve a 

concentration of 0.5% w/v. The solution was then autoclaved at 121 °C for 20 

min and the solution was continuously stirred at 700 RPM for 12 hours. The 

resulting fluid-gel was stored at rt until further use. 

5.2.5 Microbubbles manufacturing and characterisation 

MBs were synthesised using a previously established protocol with minor 

modifications277. Briefly, DSPC and PEG40S were dissolved in chloroform at 

a 9:1 molar ratio in a glass vial. Chloroform was evaporated under a chemical 

fume hood overnight, resulting in the formation of a lipid film. The dried lipid 

film was rehydrated with PBS to achieve final concentrations of 1 mg/ml 

DSPC and 0.1 mg/ml PEG40S and the lipid suspension was stirred at 75°C for 

1 hour to ensure complete dissolution. Thereafter, the vial was placed on ice, 

and PFB gas was introduced into the top space of the vial. The solution was 

then subjected to mechanical agitation using a tissue homogenizer (Precellys® 

Evolution, Bertin Technologies) at 10,000 RPM for 45 seconds to produce 

MBs. The resulting MBs were purified by three rounds of centrifugation at 300 

relative centrifugal force (RCF) for 5 min at 4°C to remove unincorporated 

lipids. The size distribution and concentration of MBs were analysed using a 

Multisizer 4e (Beckman Coulter). For optical analysis, MBs were diluted 1:10 

in DW, and 10 µL of the sample was loaded into a hemocytometer (Bright-

LineÊ, Sigma-Aldrich). Micrographs were acquired using an optical 

microscope (DM500, Leica Microsystems GmbH) at 40x magnification. 

Image analysis was performed using Leicaôs LAS X Core software. In the 
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experiments, the suspension of MBs in PBS was diluted to the culture medium 

to achieve a 50:1 MB-to-cell ratio. 

5.2.6 Fabrication of piezoelectric transducer 

The ultrasonic field was generated using a 647 kHz PZT ceramic disc (PZ26, 

Ferroperm, Denmark) with a diameter of 18 mm and a thickness of 3 mm. The 

PZT disc was modified to allow electrical connections by using a diamond 

cutter to divide its upper surface into two distinct sections. Silver conductive 

paint (Silver Conductive Enamel, RS PRO) was applied only to one side of the 

PZT discôs thickness, creating an electrical connection between one of the two 

separated upper surfaces and the lower surface of the disc. The electrical 

isolation between the two parts of the upper surface was verified using a 

handheld digital multimeter (IDM72, RS PRO). Two crimped cables (JST ZH, 

0.05 mm2, RS) were soldered to the separated surfaces of the PZT disc, with 

one cable attached to each side of the split upper surface. The cables were then 

connected to two BNC cables (Mueller Electric, Female, RS PRO) and the bare 

cables were braided and covered with heat-shrink tubing (RS PRO), ensuring 

proper insulation and protection. The completed PZT transducer was then 

connected to the ultrasonic chain for operation. 

5.2.7 Fabrication of microfluidic chips 

Two microfluidic separated heads were manufactured: i) spiral for cell 

stimulation and ii) for printing. Both chips were made in PDMS with the 

following features: i) 500 µm channel, 18 mm diameter of the spiral (same 

diameter as the PZT), ii) 400 µm inlet channel and a simplified version of a 

Tesla mixer278 with 6 repeated units. The microfluidic moulds were designed 
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using CAD software (Autodesk Fusion 360) to create a negative of the desired 

geometries. The designs were exported as STL files and processed using a 3D 

editor (NAUTA®) along with 3D slicing software (FICTOR®). The moulds 

were fabricated using an SLA printer (XFAB 3500SD, DWS, Italy) with a 

photocurable resin (Invicta 907). After printing, the moulds were thoroughly 

washed with EtOH, cured in a UV oven (MeccatroniCore BB Cure) for 10 min 

at 20 °C with 100% power, and then left overnight at 80 °C. Thereafter, PDMS 

was cast into the moulds in a 10:1 ratio of base to curing agent and cured at 70 

°C for 2 hours. After curing, the PDMS was carefully demoulded, and access 

ports to the internal channels were created using a 1.5 mm puncher. i) The 

spiral chip was bonded to a 0.17 mm thick coverslip (BrandÊ, Italy) by plasma 

treatment for 3 min, while ii) the two halves of the printing chip were united 

by plasma treatment for 2 min. Finally, the chips were washed with DW before 

use. For sterile use, first EtOH and then PBS were flowed into the microfluidic 

channels, followed by UV sterilisation (30 min) of the heads. 

5.2.8 LIPUS exposure 

The burst-mode LIPUS signals were generated using an US chain consisting 

of a function generator (Tektronix AFG3252C) and a 50-dB power amplifier 

(1020L RF Power Amplifier, Acquitek). The amplified signal was then 

transmitted to a 647 kHz PZT transducer, resulting in the conversion into sine 

wave LIPUS beams. The output of the amplifier was constantly monitored with 

a digital oscilloscope (Tektronix TDS2000C). The following acoustic 

parameters were selected for the experiments: bursts of 647 kHz sine waves, 

with varying DC (1%, 5%, 15% and 20%, corresponding to 130, 647, 2000 and 

2588 cycles, respectively), and a pulsed repetition period (PRP) of 20 ms (1 
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ms pulse duration (PD)) to determine optimal conditions. The relationships 

between PD, DC, and PRP were calculated as follows (equations 5.1 and 5.2): 

 ὖὈ                                           (5.1) 

Ὀὅ                                                (5.2) 

The total LIPUS exposure time during printing was 4 min, which was sufficient 

for cells to traverse the entire spiral microfluidic channel. Acoustic pressures 

ranged between 0.2, 0.4, 0.6, 0.8 and 1.0 MPa p-p, corresponding to input 

voltages of 25, 50, 75, 100 and 125 V p-p, and transducer-driving voltages of 

55, 112, 170, 227 and 288 mV, respectively. LIPUS treatment was applied 

during the bioprinting process, precisely targeting the cell flow within the 

spiral microfluidic channel positioned directly above the PZT transducer. For 

2D experiments, cells were stimulated similarly to the printing process, being 

collected and cultured after LIPUS exposure.  

5.2.9 Acoustic field characterisation 

The acoustic pressure field generated by the 647 kHz PZT transducer in the 

stimulation set-up was characterized using a fibre optic hydrophone (Precision 

Acoustics, Dorchester, UK) in a water tank filled with degassed DW. Two 

conditions were analysed to optimise LIPUS exposure: the emitted signal 

passed solely through the thickness of the glass slide (0.17 mm) before being 

detected by the hydrophone, and the signal passed through both the glass slide 

and the PDMS layer. The PZT was positioned at the air-water interface, with 

the hydrophone placed 90° to the direction of emission of the PZT signal. To 

calibrate the acoustic pressure, x, y, and z-axis scans were performed to 
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identify the point of maximum pressure (the focal point). Measurements were 

taken in the near-field (distance between PZT-hydrophone of 0.2 mm), 

covering an area of 20 mm x 20 mm in the x-y plane around the focal point. In 

order to measure the acoustic field inside the microfluidic device and simulate 

the field inside the spiral channel as closely as possible, a PDMS chip was 

prepared with a slit into which the hydrophone needle could be inserted. The 

calibration was performed at a frequency of 647 kHz with a driving voltage of 

100 V p-p (10 cycles), and the transmitting voltage response (TVR) was 

extracted from the recorded signals using MATLAB R2012a (The 

MathWorks, Natick, MA, USA). 

5.2.10 Microbubbles cavitation activity 

MBs cavitation activity was assessed using passive cavitation detection (PCD). 

A focused transducer operating at 3.5 MHz (V380-SU, Olympus) was 

employed as a passive receiver, positioned 10 cm away from the 647 kHz PZT 

transmitter at a 45° angle to optimise signal detection from the MBs during 

LIPUS stimulation. The experimental set-up was placed in a water tank filled 

with degassed DW, with the PZT transmitter located at the air-water interface 

and the receiver immersed in the DW. The received signals were amplified by 

20 dB using a 5x5x5 gain preamplifier (Panametrics, USA) and digitized with 

an oscilloscope (DPO7054C, Tektronix) at a sampling frequency of 20 MHz. 

To reduce background noise, the signals were filtered using a 1.8 MHz high-

pass filter (EF509, Thorlabs). During each experiment, MBs suspensions at 

varying dilutions (1:1, 10:1, 50:1) flowed through the spiral microfluidic 

channel using a syringe pump (Harvard Apparatus, USA) at a flow rate of 6 

µl/min. The acquired signals for each pressure setting (0.2, 0.4, 0.6, 0.8, 1.0 
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MPa p-p) were analysed using MATLAB R2012a (The MathWorks, Natick, 

MA, USA).  

5.2.11 Biomaterial preparation 

The biomaterial was prepared from a previously tested formulation (Chapter 

4) with minor modifications. Briefly, the biomaterial was prepared by mixing 

GelMA (6.5% w/v), AlgMA (5.2% w/v) and LAP (1.3 mM) in an aqueous 

solution of NaCl (9 g/L) and HEPES (25 mM) to achieve a final concentration 

in the printed scaffold of 5% w/v GelMA, 4% w/v AlgMA and 1 mM LAP. 

The biomaterial was prepared at a higher concentration due to the dilution that 

occurred in the microfluidic mixer between biomaterial and cell solution 

during printing. The solution was stirred for 3 h at 50 °C at 200 rounds per 

minute (RPM), and 10 min before printing, LAP radical photoinitiator was 

added to allow chemical cross-linking of the GelMA and AlgMA post-printing. 

Prior to bioprinting, sterilisation was performed by 30 min UV cycles of the 

powders and filtration (0.22 µm syringe filter, ReliaPrepÊ, VWR) of the 

solutions. 

5.2.12 Cell culture and preparation 

HBMSCs were obtained from Umberto I Hospital (Rome) in accordance with 

the Declaration of Helsinki and its subsequent amendments, with ethical 

approval granted by the Institutional Review Board (Department of Molecular 

Medicine, Sapienza University of Rome, Italy) on June 22, 2023. The cells 

were cultured in a supplemented Ŭ-MEM medium modified with 10% FBS, 

100 U penicillin, 0.1 mg/ml streptomycin, and 2 mM L-glutamine and then 

incubated at 37 °C in a humidified atmosphere with 5% CO2. Prior to the 
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experiment, cells were thawed, seeded in 175 cm² flasks (Corning®, NY, 

USA) at a density of 5x105 cells per flask and the medium was replenished 

twice weekly. Once the cells reached 80% confluency, they were detached 

using Trypsin-EDTA (1x). The harvested cells were pelleted by centrifugation 

and resuspended to a final concentration of 5.1x106 cells/ml. To account for 

the dilution within the microfluidic mixer during bioprinting, the cell 

suspension was prepared at a higher concentration; indeed, the final 

concentration of cells within the stimulated scaffold was adjusted to 3x106 

cells/ml. 

5.2.13 3D Bioprinting 

The functional scaffolds were fabricated using a robotic arm (Rotrics DexArm, 

Reichelt, Germany). A custom LEGO-based support was designed to attach 

the bioprinting printhead to the robotic arm. The i) cell suspension and ii) 

biomaterial phase were loaded into 3 ml syringes (FisherbrandÊ, Fisher 

Scientific), with flow rates precisely controlled by two syringe pumps (Harvard 

Apparatus, USA). The total flow rate was set at 20 ɛl/min (14 ɛl/min ï 

biomaterial phase; 6 ɛl/min ï cells phase). The scaffold design, specified as a 

cylindrical structure (7 mm diameter x 3.5 mm height) with a 100 µm gap 

between layers, was encoded in g-code and executed using Rotrics Studio 

software to guide the robotic arm. The bioprinting process was performed in 

suspension within the agarose fluid gel supporting bath, which provided 

structural support during the deposition. Following the printing, the constructs 

were cross-linked within the agarose gel using a 405 nm UV lamp (5 min) and 

then carefully transferred to a well plate (VWR® Multiwell Cell Culture 

Plates, VWR, Italy) using a spatula. The scaffolds were maintained in culture 



  

157 
 

using either i) supplemented Ŭ-MEM or ii) osteogenic supplemented Ŭ-MEM. 

The osteogenic medium was prepared by adding 100 ɛM AA2P, 10 mM ɓ-GP 

and 10 nM dexamethasone to the supplemented Ŭ-MEM. 

5.2.14 Cell viability 

To conduct a Live/Dead assay, a solution containing 0.4 ɛg/ml of Calcein and 

0.2 ɛg/ml of Propidium Iodide was prepared in a FBS-free Ŭ-MEM. This 

solution was applied over the cells (for 2D-experiments) or the scaffolds (for 

3D-experiments), which had been pre-washed with PBS, ensuring full  

coverage. In both cases, the samples were then incubated for 30 min at 37 °C 

and 5% of CO2, protected from light. After incubation, the samples were rinsed 

three times with PBS and examined using a confocal laser scanning 

microscope (Olympus IX83) with a 20x objective. Cell viability was analysed 

quantitatively using Fiji  software. 

5.2.15 Immunofluorescence 

The samples kept in culture were fixed using 4% PFA, followed by incubation 

in 0.1% Triton X-100. For the IF staining (targeting OCN and OPN), the 

samples were incubated in the dark overnight at 4 °C in 1% BSA containing 

the primary antibodies (anti-Rabbit at 4 ɛg/mL; anti-Mouse at 2 ɛg/mL). The 

secondary antibody staining was performed as follows: OCN antibody (2 

ɛg/mL), OPN antibody (2 ɛg/mL), and DAPI (1:1000). Finally, the samples 

were then analysed using a laser scanning confocal microscope with a 40x 

objective. 
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5.2.16 Flow visualisation test 

To visualise flow dynamics within the spiral microfluidic channel and assess 

the variation under LIPUS exposure at different MBs concentrations, confocal 

laser scanning microscopy (Eclipse Ti2, Nikon Inc., USA) was employed. 

Fluorescent yellow-green latex beads (1 µm in diameter) were used at a 

concentration of 10 µL/mL to track the flow, while red fluorescent polystyrene 

microparticles (10 µm in diameter) were used at a concentration of 15 µL/mL 

to simulate HBMSCs. Fluorescent solutions containing varying MBs ratio 

(1:1, 10:1, 50:1) were flowed through the microfluidic channel while applying 

different acoustic pressures (0.2, 0.4, 0.6, 0.8, 1.0 MPa p-p). Images and videos 

were captured at 10x magnification using NIS-Elements AR software. 

5.2.17 Alkaline Phosphatase staining 

The cultured samples were washed twice in PBS, followed by fixation in 95% 

EtOH and rinse in PBS. Then, a DW-based solution with Naphthol AS-MX 

Phosphate Alkaline Solution and Fast Red Violet LB Salt was applied over the 

samples, followed by the incubation at 37 °C for 60 min in the dark. Thereafter, 

the samples were washed three times with PBS, observed using an optical 

microscope with a 20x objective, and images were captured using an integrated 

camera. 

5.2.18 Alizarin Red S staining 

The samples were first washed with PBS before fixation with 4% PFA for 1 

hour. Thereafter, the cells were stained for 1 hour using a previously prepared 

Alizarin Red S solution. Briefly, Alizarin Red S (3.5 g) was dissolved in 150 

ml of DW, and the pH was adjusted to 4.1-4.3 using 0.5% ammonium 
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hydroxide. The final volume of the solution was brought to 250 ml while 

continuously monitoring the pH. Following the staining, the samples were 

washed with DW, and images were acquired using an optical microscope 

equipped with an integrated camera. 

5.2.19 Quantitative reverse transcription polymerase chain reaction 

The expression levels of the main genes associated with osteogenic 

differentiation (Table 4.2) in HBMSCs were assessed using quantitative 

reverse transcription polymerase chain reaction (RT-qPCR). For 2D 

experiments, the cultured cells were detached by TRK Lysis Buffer (QIAGEN) 

and a cell pellet was obtained for RNA extraction. For 3D experiments, the 

hydrogels were degraded in a solution of collagenase D (1 mg/ml) to produce 

a cell pellet and RNA extraction was carried out using TRIzol reagent. For all 

types of experiments, a purification with the RNeasy Mini  Kit  (QIAGEN) and 

quantification via a NanoDrop spectrophotometer (NanoDrop 2000c, 

ThermoFisher Scientific) followed. RNA was reverse-transcribed into 

complementary DNA (cDNA) using the iScriptÊ cDNA Synthesis Kit  (Bio-

Rad). RT-qPCR was performed with iTaqÊ Universal SYBR® Green 

Supermix (Bio-Rad) on a Real-Time PCR System (Applied Biosystems ViiA  

7, ThermoFisher Scientific) to quantify gene expression. For both 2D-3D 

experiments, a cell pellet from day 0 was used as the control for baseline 

comparison. Gene expression was analysed using the ȹȹCt method, 

normalised to the housekeeping gene GAPDH, and presented as fold change 

(2-ȹȹCt) relative to the control sample. 

 



  

160 
 

5.2.20 Computational simulation of acoustic pressure field 

To optimise the stimulation model and simulate the pressure field of the 

experimental set-up, analyses were performed using COMSOL Multiphysics 

5.5. A 3D model of the exposure set-up was created using CAD software 

(Autodesk Fusion 360). The individual components of the set-up, including the 

PZT transducer, glass slide, and PDMS, were saved as STL files and imported 

into COMSOL for simulation. The ñPressure Acoustics Frequency Domainò 

module was employed to calculate the total acoustic pressure field, with a 647 

kHz LIPUS source applied at the surface of the PZT in contact with the glass 

slide. The acoustic impedance values assigned to the set-up components were 

13.0 MRayls for the glass slide, 1.48 MRayls for the water (to simulate the cell 

suspension within the channel), and 1.05 MRayls for the PDMS (representing 

the microfluidic chip). Since precise values for the total acoustic pressure field 

were not possible to obtained directly from the simulations, the results were 

normalised relative to the maximum pressure. 

5.2.21 Statistical analysis 

Data analysis was carried out using GraphPad Prism software (La Jolla, CA). 

The D'Agostino-Pearson normality test was employed to check for normal 

distribution in the datasets. Differences between groups were analysed using 

one-way and two-way ANOVA, depending on the experimental setup. The 

sample size (n) is indicated in the corresponding figure description. Statistical 

significance was considered for p<0.05. 
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5.3 Results and discussion 

5.3.1 Characterisation of the LIPUS field in a microfluidic system 

The results of the calibrations and simulations provided a comprehensive 

overview of the acoustic pressure distribution within the experimental system. 

The analyses performed to calibrate the PZT at 647 kHz and to characterise the 

LIPUS field yielded significant results both in the presence and in the absence 

of the microfluidic device (Figure 5.2a,b).  

 

Figure 5.2. Acoustic characterisation of the pressure field emitted by the 647 kHz transducer. 

a) Acoustic calibration set-up of the PZT in the absence of PDMS. The arrows indicate 
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movement in the x-y axis around the hydrophone tip positioned at 90° to the PZT. b) Acoustic 

calibration set-up in the presence of PDMS. The arrows indicate movement in the x-y axis 

around the hydrophone tip positioned at 90° to the PZT and within a fissure created between 

glass and PDMS. c) Acoustic pressure measured in the presence of the glass slide. d) Acoustic 

pressure measured inside the PDMS device. Acoustic pressure maxima in yellow, acoustic 

pressure minima in blue. e) Merged version of the pressure field calibration in the presence of 

the glass slide and the spiral microfluidic channel. f) Merged version of the pressure field 

calibration in the presence of the PDMS and the spiral microfluidic channel. 

 

In particular, the aim was to understand whether positioning the PZT at a 

minimal distance from the cells (near field, with a PZT-to-cell distance of 0.17 

mm, equivalent to the thickness of the glass) would have produced a 

homogeneous acoustic field or whether wave reflections would have caused an 

inhomogeneous field. The PZT waves first passed through a 0.17 mm layer of 

glass, then encountered the spiral microfluidic channel containing the cell 

suspension, and finally passed through a 5 mm layer of PDMS before 

propagating into the air. Given this layering, it was reasonable to expect 

reflections along the wave path due to the acoustic impedance of the glass279 

and PDMS280. The 5mm-thickness of the PDMS was specifically chosen to 

minimise post-pass reflections, as PDMS is known to have a low transmissivity 

for US waves, and greater thickness would have helped to block extreme 

reflections281. TVR measurements in the near field (with a 0.2 mm distance 

between the PZT and the hydrophone) recorded values of 4-8 kPa/V for the 

PZT with only the glass slide and 6-10 kPa/V for the full experimental setup 

(PZT, glass slide and PDMS). As shown in the Figure 5.2c, the acoustic 

pressure measured by the hydrophone without PDMS was mapped from p-p 

amplitude over an area of 20 mm x 20 mm. The region of interest corresponded 
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to the spiral of the microfluidic channel to best simulate the positioning of the 

HBMSCs relative to the PZT. The calibrations, both with and without PDMS, 

showed a higher pressure in the central region, which gradually decreased 

towards the periphery, only to increase again in the more peripheral regions. 

The peak acoustic pressure region obtained from our measurements was found 

to be similar in size and shape to other models of compact microfluidic 

devices274,282. In the presence of PDMS (Figure 5.2d), the acoustic pressure 

measurements were partially incomplete due to the opening in the PDMS (as 

described in Section 5.2.9 of Materials and methods) where the hydrophone 

was inserted. The hydrophone needle, due to its limited length, did not allow 

data to be collected over the entire area of the transducer, thus reducing the 

amount of information available. As previously hypothesised, LIPUS 

reflection was detected in the presence of PDMS, probably due to the acoustic 

impedance of PDMS, which differs significantly from that of water283. For the 

LIPUS stimulation experiments, it was important to evaluate the effect of 

pressure distribution at the liquid-glass interface. The 0.17 mm glass slide, 

despite its acoustic impedance279, allowed the minimum distance between the 

PZT and the cells to be maintained without significantly affecting the 

transmission of LIPUS waves.  

In order to better understand the acoustic pressure distribution relative to the 

microfluidic channel, a merged version of the pressure field calibration and the 

spiral geometry was provided (Figure 5.2e,f). From the calibrations 

performed, it was possible to calculate the voltage inputs required to achieve 

specific acoustic pressure values (Equation 5.3): 

ὠ  ὖϽ                                        (5.3) 
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Where V is the input voltage (V), P is the selected acoustic pressure (Pa), and 

TVR is the hydrophone sensitivity (Pa/V). The pressures used during the 

experiments (0.2 ï 1.0 MPa p-p) is within the range commonly used for 

therapeutic US applications, making it suitable for interaction with biological 

systems284. The LIPUS parameters chosen for this study were initially derived 

from values previously validated in the literature. Several studies have used 

centre frequencies between 0.5 MHz and 1.5 MHz to stimulate HBMSCs to 

increase their osteogenic differentiation, with acoustic pressures around 1.0 

MPa p-p, often in burst mode165,285ï287. These data, together with the 

calibration of our experimental setup, guided the definition of the optimal 

experimental conditions in the present work, ensuring the safety and efficacy 

of the LIPUS stimuli on the cells. To compare the experimental data with a 

theoretical model, simulations of the total acoustic pressure field within the 

experimental system were performed using COMSOL Multiphysics 5.5 

(Figure 5.3).  
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Figure 5.3. COMSOL simulations performed on the acoustic device. a) Simulated total 

acoustic pressure field in the a-i) spiral microfluidic channel, a-ii) PDMS chip, a-iii) 0.17 mm 

thick glass slide and a-iv) 647 kHz PZT disc. b) Detail of the simulated total acoustic pressure 

field in the spiral microfluidic channel b-i) seen from the top (one slice), b-ii) (slices) and b-

iii) from the PDMS chip side (slice). 

 

The simulations visualised pressure maxima (in red) alternating with minima 

(in blue). The regions of highest acoustic pressure were located at the glass 
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slide, which covered the entire surface of the PZT transducer. In the 

experimental set-up, the HBMSCs were located between the glass slide and 

the PDMS, inside the microfluidic channel located exactly between these two 

materials. High pressure regions were also observed at the microfluidic 

channel. Similar to the experimental hydrophone measurements, the 

simulations showed a pressure distribution characterised by nodes and 

antinodes, although these variations were more pronounced in the simulations 

compared to the experimental data. However, a consistent high pressure region 

was found along the surface of the microfluidic channel where cell passage and 

stimulation occur. Both the experimental measurements and the simulations 

indicate that the assembly of PZT and microfluidic device is capable of 

generating a LIPUS field along the surface of the spiral channel without 

significant distortion. Despite the presence of reflections due to the PDMS, the 

experimentally measured acoustic pressure field was consistent with the 

simulated field, allowing a uniform acoustic pressure distribution for the 

intended application. 

 

5.3.2 Optimised LIPUS-stimuli for enhanced osteogenic differentiation of 

HBMSCs in a 2D environment 

Following the characterisation of the PZT transducer, LIPUS stimulation of 

HBMSCs was initiated at an acoustic pressure of 1.0 MPa p-p using our custom 

experimental set-up. This pressure was carefully chosen based on its 

therapeutic relevance284 and to avoid the overheating problems observed when 

using the PZT at pressures higher than 1.2-1.4 MPa p-p. The aim of the initial 

experiments was to observe the cellular response in 2D cultures without the 
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use of biomaterials or bioprinting techniques. Specifically, cells were exposed 

to LIPUS inside the microfluidic spiral channel and then cultured for up to 21 

days. The choice of LIPUS parameters was supported by both the literature 

and preliminary data from our own experiments. For instance, the DC was 

initially set at 20%, as reported by previous studies268,288ï290, but was later 

reduced to 5% to mitigate overheating of the PZT transducer. This adjustment 

was essential as prolonged use of the PZT at higher DC resulted in electrical 

failures requiring frequent re-soldering. The PRP (20 ms) was chosen based on 

previous studies291 to ensure compatibility with established protocols for 

LIPUS stimulation.  

In these experiments, HBMSCs were stimulated for a total of 4 min, which was 

determined to be the maximum viable time for effective stimulation. The flow 

rate of 6 ɛl/min within the microfluidic channel was also a critical factor. 

Slower flow rates led to aggregation of the cells, preventing them from moving 

uniformly through the channel, whereas 6 ɛl/min ensured a steady flow and 

minimised cell accumulation. This flow rate was particularly important as 

these experiments served as a precursor to our intended use of LIPUS in 3D 

bioprinting, which aimed to expose cells to LIPUS for a similar duration to 

enhance their osteogenic potential. The overall goal was to stimulate HBMSCs 

only during the bioprinting process, creating a cellular scaffold populated with 

LIPUS-stimulated cells that exhibited accelerated differentiation into bone 

tissue without the need of post-printing treatments. In contrast to conventional 

methods where cells were stimulated for extended periods (5 to 20 minutes per 

day for 7 to 21 days)292ï295, our approach focused on a single, controlled 

LIPUS-exposure event right before the bioprinting process. This strategy not 

only simplified the protocol of cell differentiation process, but also allowed for 
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precise temporal control of LIPUS exposure. The design of our system, in 

which the microfluidic spiral channel was positioned directly above the PZT 

disc, ensured that all HBMSCs passing through the channel were at a constant 

distance from the transducer and received uniform LIPUS stimulation for the 

same duration. This contrasts with other studies where uneven acoustic fields 

in well plates271 (2D-stimulation) or in hydrogels268 (3D-stimulation) have 

resulted in inconsistent stimulation across the cell population. Calibrations of 

our PZT transducer confirmed that although the acoustic field was not perfectly 

homogeneous, the movement of the cells through the field during stimulation 

ensured that each cell experienced both maximum and minimum pressure 

points, thus equalising the overall stimulation across the population. 

From the 2D experiments performed after set-up optimisation, viability assays 

and staining were performed to assess both cellular vitality and osteogenic 

differentiation potential of LIPUS-exposed cells compared to unstimulated 

controls. Live/Dead assay (Figure 5.4) showed that LIPUS exposure did not 

compromise cell integrity, as the viability of LIPUS-stimulated cells remained 

high (91.7%±3.3) and comparable to that of unstimulated cells (95.2%±2.3) at 

day 21, consistent with findings in similar studies296,297. Furthermore, the rate 

of cell proliferation at day 21 in the LIPUS-stimulated samples was found to 

be 171.8%±10.8, while the control cells exhibited a proliferation rate of 

202.5%±3.6 in comparison to the initial day 1 data. 
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Figure 5.4. Viability of unstimulated and LIPUS-stimulated HBMSCs. a) Photomicrographs 

of HBMSCs in 2D cultures not exposed and exposed to LIPUS on days 1-7-21. Cells were 

stained with Calcein to observe live cells (green) and propidium iodide to observe dead cells 

(red). b) Quantified cell density of live and dead HBMSCs. Scale bar: (a) 200 ɛm. Mean ± 

S.D. n=3. 

 

The differentiation of HBMSCs towards skeletal lineage was found 

significantly marked by an increase in Ca2+ deposition (p<0.0001) and ALP 

activity (p<0.001) by day 21 in LIPUS-stimulated cells, as demonstrated by 

both Alizarin Red staining for Ca2+ deposits and ALP staining (Figure 5.5). 

These findings were consistent with the literature reporting increased Ca2+ 

deposition298,299 and ALP expression147,300 in HBMSCs subjected to LIPUS 

stimulation between days 7 and 21.  
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Figure 5.5. Mineralisation and ALP activity of HBMSCs after non-exposure and exposure to 

LIPUS. a) Ca2+ deposits observed at 1-7-21 days after cell culture of non-stimulated and 

LIPUS-stimulated HBMSCs. Images taken at both 1x and 20x magnification. b) 

Mineralisation was quantified in mU/ml. c) ALP expression observed at 1-7-21 days after cell 

culture of non-stimulated and LIPUS-stimulated HBMSCs. Images taken at both 5x and 20x 

magnification. d) ALP activity was quantified in mU/ml. Scale bars: (a) 5 mm, 100 ɛm, (c) 1 

mm, 100 ɛm. Statistical significances were assessed by two-way ANOVA. Mean ± S.D. n=3, 

****p<0.0001, ***p<0.001. 
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IF analysis further confirmed that at day 7, LIPUS-stimulated cells exhibited 

higher expression of osteogenic markers such as OPN and OCN, in line with 

the findings of Wang301 and Renno302 et al., respectively (Figure 5.6a). On day 

7, the expression of OCN was found higher in the LIPUS-treated samples than 

in the controls. While the expression of OPN was less pronounced than OCN, 

it was nevertheless higher in the LIPUS samples, with the lowest levels 

observed in the untreated controls. IF was supported by quantitative analysis 

using RT-qPCR, which showed an upregulation of key osteogenic genes, 

including RUNX-2, ALP, COL1A1, BMP-2, OCN and OPN, in LIPUS-

stimulated cells compared to controls147,303 (Figure 5.6b). At day 7, the 

expression of osteogenic genes in HBMSCs exposed to LIPUS was 

significantly (p<0.05) higher compared to control cells that were not 

stimulated. A study by Costa and co-workers147 confirmed that LIPUS 

stimulation of HBMSCs effectively promotes osteogenic differentiation in 

vitro. This was demonstrated by gene expression analysis of the same genes 

observed in our study, suggesting that LIPUS was able to enhance cellular 

differentiation, partially mimicking the bone microenvironment. 
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Figure 5.6. Immunofluorescence images and gene expression of controls and LIPUS-treated 

HBMSCs. a) Fluorescence images of HBMSCs after 1 and 7 days of 2D culture showing the 

nucleus (blue), OCN (green) and OPN (blue) at 20x magnification. b) RT-qPCR analysis of 
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HBMSCs after 1 and 7 days of 2D culture. The expression of genes associated with osteogenic 

differentiation was examined to observe the effect of LIPUS stimulation. The expression levels 

of (i) RUNX-2, (ii) ALP, (iii) COL1A1, (iv) BMP-2, (v) OCN and (vi) OPN were significantly 

higher in samples exposed to LIPUS at day 7 compared to controls. Scale bars: (a) 100 ɛm. 

Statistical significances were assessed by two-way ANOVA. Mean ± S.D. n=3, ****p < 

0.0001, ***p<0.001, *p<0.05. 

 

These results suggested that our LIPUS stimulation protocol, characterised by 

precise control of acoustic pressure and timing, successfully promoted 

HBMSCs osteogenic differentiation. The mechanical stimulation provided by 

acoustic pressure likely created an environment suitable for accelerated 

differentiation into osteogenic lineages, as evidenced by both phenotypic 

markers and gene expression data.  

 

5.3.3 Microbubbles integration and oscillatory characterisation 

The addition of MBs to the system was designed to enhance the cellular 

response of HBMSCs during LIPUS stimulation. MBs are known to amplify 

cellular activities due to their ability to oscillate and generate mechanical 

effects when exposed to LIPUS waves304,305. To integrate this concept into our 

established 2D model for LIPUS cellular stimulation, we introduced MBs 

composed of DSPC and PEG40S, encapsulating perfluorobutane gas. The MBs 

were obtained at an initial concentration of 1x1010 MBs/ml with an average 

diameter of 0.68 µm (Figure 5.7a). After washing and filtration, the 

concentration decreased to 1x109 MBs/ml, while the average diameter 

increased to 1.19 µm (Figure 5.7b). This shift in size and concentration was 
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expected, as the filtration process removed non-bubble material and selectively 

retained fully formed MBs306. 

 

Figure 5.7. Visualisation and characterisation of MBs size and cavitation. a) MBs size 

distribution in µm a-i) before washing with a-ii) micrographs of the MBs obtained with a 40x 

objective. b) MBs size distribution in µm b-i) after washing with b-ii) micrographs of the MBs 

obtained with a 40x objective. c) Time domain and frequency domain obtained from PCD 

measurements performed at acoustic pressures of c-i) 0.2 MPa p-p, c-ii) 0.6 MPa p-p and c-


