
 

 

 

 

 

 

Detection of stiff nanoparticles within cellular structures by 

contact resonance atomic force microscopy subsurface 
nanomechanical imaging 

 

 

Journal: Nanoscale 

Manuscript ID Draft 

Article Type: Paper 

Date Submitted by the Author: n/a 

Complete List of Authors: Reggente, Melania; Sapienza University of Rome, Department of Basic and 

Applied Sciences for Engineering (BASE) 
Passeri, Daniele; Universita' degli studi di Roma, La Sapienza, Basic and 
Applied Sciences for Engineering 
Angeloni, Livia; Sapienza University of Rome, Department of Basic and 
Applied Sciences for Engineering (BASE) 
Scaramuzzo, Francesca; Universita degli Studi di Roma La Sapienza 
Barteri, Mario; Universita degli Studi di Roma La Sapienza 
De Angelis, Francesca; Sapienza University of Rome 
Persiconi, Irene; Universita degli Studi di Roma La Sapienza Dipartimento 
di Biologia e Biotecnologie Charles Darwin 
De Stefano, Maria Egle; Universita degli Studi di Roma La Sapienza 
Dipartimento di Biologia e Biotecnologie Charles Darwin 

Rossi, Marco; Sapienza University of Rome, Department of Basic and 
Applied Sciences for Engineering (BASE); Sapienza University of Rome, 
Center for Nanotechnologies applied to the Engineering (CNIS) 

  

Note: The following files were submitted by the author for peer review, but cannot be converted to 
PDF.  You must view these files (e.g. movies) online. 

Reggente_NPsCells_RSCtemplate_SUBMITTED.tex 

 

 

Nanoscale



 

Rome, Italy 14 February 2017 

 

 

 

Dear Editor, 

As the corresponding author and also on behalf of the other authors, I would like to the 

manuscript “Detection of stiff nanoparticles within cellular structures by contact resonance 

atomic force microscopy subsurface nanomechanical imaging” by M. Reggente, D. Passeri, L. 

Angeloni, F. A. Scaramuzzo, M. Barteri, F. De Angelis, I. Persiconi, M. E. De Stefano, and M. 

Rossi, to be considered for publication in Nanoscale.  

 

The manuscript, which reports new research and results and is not under submission to other 

journals, describes for the first time the use of an advanced atomic force microscopy (AFM) 

based technique, i.e., contact resonance AFM (CR-AFM), for the imaging of subsurface 

agglomerate of nanoparticles internalized into microglia cells. The group of J. Killgore from 
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Journal Name

Detection of stiff nanoparticles within cellular struc-
tures by contact resonance atomic force microscopy
subsurface nanomechanical imaging

Melania Reggente,a,b Daniele Passeri,∗a Livia Angeloni,a,c Francesca Anna
Scaramuzzo,a Mario Barteri,d Francesca De Angelis,e, f Irene Persiconi,g Maria
Egle De Stefano,g and Marco Rossia,h

Detecting stiff nanoparticles buried in soft biological matri-
ces by atomic force microscopy (AFM) based techniques
represents a new frontier in the field of scanning probe
microscopies, originally developed as surface charac-
terization methods. Here we report the detection of stiff
(magnetic) nanoparticles (NPs) internalized in cells by
using contact resonance AFM (CR-AFM) employed as a
nondestructive subsurface characterization tool. Magnetite
(Fe3O4) NPs were internalized in microglial cells from cere-
bral cortices of mouse embryos of 18 days by phagocytosis.
Nanomechanical imaging of cells were recorded by detect-
ing the contact resonance frequencies (CRFs) of an AFM
cantilever held in contact with the sample. Agglomerates
of NPs internalized in cells were visualized on basis of
the local increase in the contact stiffness with respect to
the surrounding biological matrix. A second AFM-based
technique for nanomechanical imaging, magnetic force
microscopy, and optical microscopy were used to confirm
CR-AFM results. Thus, CR-AFM was demonstrated as a
promising technique for subsurface imaging of nanomateri-
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als in biological samples.

The capability of detecting nanoparticles (NPs) buried in soft
biological samples represents one of the main challenges in bio-
nanoscience, as it would allow the monitoring of the interactions
between cells and NPs at the nanoscale. Developing innovative
and nondestructive imaging techniques for the visualization of
NPs embodied into cells with nanometer resolution is a challeng-
ing task of primary importance in several applications, from drug
delivery to nanotoxicology1–4. The most common techniques cur-
rently used to analyze intracellular structures are based on opti-
cal, confocal and electron (both scanning and transmission) mi-
croscopies, which nevertheless have limited resolution and/or are
destructive techniques that require several steps for the sample
preparation, such as dehydration, fixation, metallization, or cross
section cutting5–8. Even though atomic force microscopy (AFM)
was originally developed as a surface characterization platform9,
it potentially represents a useful alternative to develop nonde-
structive subsurface imaging. In AFM a sharp probe, i.e., the tip
at the free-end of the cantilever, interacts with the surface of the
investigated sample. The cantilever static deflection (in contact
mode) or the amplitude of the oscillating cantilever (in tapping
mode) are measured to reconstruct a map of the surface heights,
i.e., the sample topography. Furthermore, since the probe physi-
cally interacts with the surface sample, different types of interac-
tion forces can be monitored. Thus, several techniques have been
developed to map local magnetic10, mechanical11, electrical12,
thermal13 and chemical14 properties of the sample surface, with
nanometer spatial resolution, together with the standard AFM to-
pography. In these techniques, the probed tip-sample forces are
the result of the interaction between the tip and a small volume of
material below the surface of the sample with dimensions gener-
ally comparable to those of the tip. Therefore, they are sensitive
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not only to physical inhomogeneities on the surface, but also un-
der the surface, within the sample probed volume, thus allowing
the detection of buried nanostructures with properties different
from those of the host matrix. For instance, magnetic force mi-
croscopy (MFM), electric force microscopy (EFM), and conduc-
tive AFM (C-AFM) derived techniques, such as dc-biased ampli-
tude modulated AFM and Kelvin Probe AFM, have been success-
fully employed for the subsurface imaging of composite materials
made of polymer matrices filled with Fe3O4 nanoparticles15 and
carbon nanotubes16,17, or for the detection of magnetic NPs in
biological matrices18–20. Since the presence of harder (softer)
inclusions inside a softer (harder) matrix as well as voids be-
neath the sample surface cause local variations in the sample stiff-
ness, subsurface imaging can be performed probing the different
elastic properties of the host and guest systems. Thus, some of
the different AFM based techniques which allow nanomechani-
cal characterizations have been already used for the subsurface
imaging of samples. Recently, Roduit et al.21,22 have proposed
a method to analyze quasi static indentation curves acquired by
AFM to obtain 3D stiffness tomography reconstructions. More-
over, the synergistic use of AFM and ultrasound testing resulted
to be particularly effective for subsurface feature detection with
nanometer lateral resolution. In particular, Yamanaka et al. used
ultrasonic force microscopy (UFM) for the subsurface imaging
on highly oriented pyrolytic graphite (HOPG)23. In addition to
this, subsurface imaging of void defects in interconnections24 has
been successfully performed by means of scanning near field ul-
trasound holography (SNFUH)25,26. To the best of our knowl-
edge, this is the only AFM based technique which has been used
for the visualization of single nanostructures, i.e., SiO2 NPs and
carbon nanohorns, embodied within a cell27,28. Finally, contact
resonance AFM (CR-AFM) has been demonstrated to be a very
versatile technique, which can be used to study materials in a
wide range of mechanical properties, i.e., from stiff coatings and
gemstones29–32 to soft polymers33–35 and biological samples36.
CR-AFM was used to study nanocomposite samples constituted by
stiff nano-fillers into soft polymeric matrices, in which the pres-
ence of the nanomaterials was confirmed by the analysis of the
variation of indentation modulus and its spatial distribution37–39.
CR-AFM provided subsurface imaging by using ad hoc designed
test samples, detecting voids generated by means of a focused ion
beam (FIB) under the surface of Si single crystal40, as well as vi-
sualizing SiO2 NPs buried beneath a smooth and thin polystyrene
film41. However, to the best of our knowledge, CR-AFM has never
been used to detect NPs internalized in cells.

Here we report, for the first time, the use of CR-AFM for the de-
tection of stiff NPs embodied in cells. Because of their high phago-
cytic activity, microglia cells were used to produce model samples
of cells engulfed with magnetic NPs, the presence of which was
revealed by MFM.
Magnetite NPs were synthesized starting from Mohr salt
((NH4)2Fe(SO4)2 · 6H2O) and Fe2(SO4)3 in ammonia solution
containing 2% (w/v) of polyvinylpyrrolidone (PVP), following the
co-precipitation Massart’s method42 that we modified as previ-
ously described20. Microglia cells were taken from cerebral cor-
tices of 18 days-old mouse embryos, dissociating the tissue at

Fig. 1 Topography of a microglia cell on glass substrate recorded in
tapping mode

37◦C with trypsin 0.1% and DNAse (100 mg/mL) in a suitable
salt solution. A rather pure population of microglia (less than 2%
of contamination) was obtained suspending them in Dulbecco’s
Modified Eagle Medium (DMEM) containing 10% fetal bovine
serum (FBS), placing them in a culture flask and leaving them
in culture for 18 days. Subsequently, cells were made to adhere
onto glass slides pretreated with poly-lysine (105 cells/slide). An
example of microglia cell on glass substrate is shown in Fig. 1.
Fe3O4 NPs were then added to the culture medium and internal-
ized by endocytosis into the cytoplasm of microglia cells43. The
process of phagocytosis required 5 hours of incubation in DMEM
at 37◦C under an atmosphere of air with 5% CO2. After having
removed the culture medium, the glass slide with the adherent
cells was washed several times with a phosphate buffered saline
(PBS) solution (pH = 7.4) to remove non-phagocytized NPs, and
fixed for 15 min at room temperature in PBS with 4% formalde-
hyde. This fixation process, which implied the polymerization of
cell membrane’s proteins, altered the elastic properties of the cells
making them stiffer, but still significantly softer than the NPs, al-
lowing us to obtain a detectable contrast in CR-AFM images.

Optical microscopy images collected with 40× magnification
(Fig. 2) highlighted the presence of NPs aggregates in close prox-
imity to the cells, likely inside the cytoplasm.

Massive internalization of Fe3O4 NPs in microglia cells was as-
sessed by MFM imaging, which confirmed the presence of a signif-
icant magnetic signal from labeled cells. An example is reported
in Fig. 3, in which a standard MFM apparatus (Solver, NT-MDT,
Russia) equipped with magnetic coated tips (MESP, Bruker Inc.)
was used to acquire the topography of a microglia cell Fig.3a and
the corresponding magnetic phase image Fig.3b. The dark con-
trast in the center of the MFM phase image indicates the presence
of a massive agglomerate of magnetite NPs in the center of the
cell (see for comparison Fig. 2a), although we made no attempts
to improve the quality of the image by removing electrostatic ar-
tifacts from magnetic signal44,45.
CR-AFM is a contact mode based technique in which the back
side of the sample is mounted on an ultrasonic transducer which
excites out-of-plane oscillation of the sample surface. Spectra
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Fig. 2 Optical images (original magnification 40×) of microglia cells incubated with magnetite NPs.

of the cantilever flexural vibrations are recorded and resonance
frequencies of the cantilever-tip-sample system, namely the con-
tact resonance frequencies (CRFs), are measured at each point
of the scanned area and thus mapped on the sample surface si-
multaneously to the topography. The values of CRFs reflect the
local elastic properties of the sample, i.e., the stiffer the sam-
ple, the higher the CRFs, and can be used to evaluate the sam-
ple indentation modulus. Therefore, CRFs maps can be consid-
ered as semi-quantitative nanomechanical images of the sample
surface. Our AFM experimental setup (Solver, NT-MDT, Russia),
the detailed description of which can be found elsewhere46, was
equipped with commercial Si cantilevers (CSC17, MikroMasch,
Estonia) chosen on the basis of their low spring constant (nom-
inal value kc = 0.18 N/m) to minimize surface modification and
sample damaging during CR-AFM experiments.

Additionally, the chosen cantilevers are characterized by rela-
tively low values of CRFs allowing their detection up to the sixth
eigenmode. CR-AFM performed at higher eigenmodes has been
demonstrated to have the maximum sensitivity to subsurface me-
chanical lack of homogeneity41,47. As expected, the values of
CRFs measured on engulfed cells are significantly higher than
those measured on the empty ones. This correspond to signifi-
cantly larger values of normalized contact stiffness. Conversely,
subsurface features in engulfed cells could be observed in CRFs
images obtained using higher modes. In Fig. 4, the fifth eigen-
mode CRF maps of an empty cell (Fig. 4a) and of a cell engulfed
with NPs (Fig. 4b) are shown. Images were obtained by search-
ing the resonance in the range from 660 kHz to 1100 kHz, i.e.,
between the fifth and the sixth eingenmodes of the free cantilever
in air. As expected, CRFs values in correspondence of the cells are
much lower than those in correspondence of the stiff substrate.
In addition to this, CRFs values corresponding to empty cells are
lower than those corresponding to engulfed ones. This can be
attributed to a significant presence of Fe3O4 NPs in labeled cells

resulting in the increase of the effective elastic modulus of the
cell. Moreover, in the case of empty cells (Fig. 4a), CRF val-
ues were constant within the cell and no areas corresponding to
higher CRFs were detected. Conversely, large areas with higher
CRFs were observed in the case of cells labeled with NPs (Fig.
4b). This suggests that Fe3O4 NPs agglomerate within the struc-
ture of the cell, producing mechanical inhomogeneities detectable
by CR-AFM nanomechanical imaging (see for comparison Fig. 2a,
b, g, h, and i).

To deepen this phenomenon, several NPs labeled cells were in-
vestigated. Fig. 5a shows a labeled cell in which two distinct
sub-micrometer spherical agglomerates are visible (see the detail
in Fig. 5b, which can be compared to Fig. 2c, d, e and f). Overall,
CR-AFM images revealed the presence of a single huge agglom-
erate like that in Fig. 4 or of one or more smaller agglomerates
distributed in the cell volume like those in Fig. 5. In order to
compare the capabilities of CR-AFM to detect stiff nanomateri-
als buried into cells to that of other AFM based techniques for the
nanomechanical imaging, we performed HarmoniXTM(Dimension
Icon, Bruker Inc.) on the same sample of microglia cells engulfed
with NPs. HarmoniXTMtakes advantage of the use of an out-of-
axis tip to set into torsional vibration a T-shaped cantilever dur-
ing tapping48,49. The analysis of the cantilever torsional signal
allows one to map the elastic modulus of polymers50–53 and bi-
ological materials54–56. However, we generally could not detect
any subsurface structure in the engulfed microglia cells. Only in
few cases we observed localized agglomerates, like in the case of
the cell shown in Fig. 6 (see for comparison Fig. 2g and h).

Without any relation with the topography (Fig. 6a), the stiff-
ness map (Fig. 6b) shows an agglomerate (marked with the
arrow), the stiffness of which is comparable with that of the
glass substrate. The scarcity of agglomerates detected with
HarmoniXTMcan be rationalized considering that this technique
probes the sample down to penetration depths smaller than CR-
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Fig. 3 (a) Topography of a microglia cell engulfed with NPs and (b)
corresponding magnetic phase image obtained in magnetic force
microscopy.

AFM. Indeed, we demonstrates that HarmoniXTMcan be used on
ultrathin soft samples, while we revealed the presence of stiff nan-
odiamonds particles only in the case they emerge from the surface
or are buried immediately under the surface57. Due to the ab-
sence of contrast in the phase image, the agglomerate in Fig. 6 is
likely to be buried under an ultrathin layer of biological material.
Being more affected by the properties of the underlying layers,
CR-AFM is more sensitive to buried stiff NPs. Notably, we could
not detect isolated NPs using CR-AFM, but only massive agglom-
erates. This, however, does not necessarily indicate the absence
of single NPs but may result from the presently limited resolution
of CR-AFM.
Furthermore, the measured CRFs have been analyzed to calcu-
late the apparent contact stiffness of each sample k∗ 38. In partic-
ular, by considering the contact between the tip and the sample
affected by both a vertical and a tangential spring (with spring
constant defined by k∗ and k∗lat , respectively), we simulated the f5
values, for a range of k∗/kc between 1 and 2×104, by numerically
solving the characteristic equation of the system38, considering
the nominal dimensions of the cantilever supplied by the manu-
facturer and the beam inclined by an angle of 11 deg with respect
to the sample surface. Values of k∗ calculated in this way for each
sample are reported in Tab. 1. As expected, the values of CRFs
measured on engulfed cells significantly higher than those mea-

Fig. 4 (a) CRF map of an empty microglia cell; (b) CRF map of a
microglia engulfed with NPs.

Table 1 Fifth eigenmode contact resonance frequencies ( f5) and
normalized contact stiffness k∗/kc values of empty and NP-engulfed
microglia.

Sample f5 (kHz) k∗/kc

empty cell 670±6 501±56
cell+NPs 802±7 1698±98

sured on the empty ones correspond to significantly larger values
of normalized contact stiffness.

The calculated values of k∗/kc can be eventually used to esti-
mate the depth at which the agglomerates are located. For this
purpose, we assumed well-established models derived for the ef-
fective mechanical properties of layered materials during nanoin-
dentation58, in the realistic approximation that the indentation
modulus of the tip (Mtip) and of the Fe3O4 nanoparticles (MNPs)
are much bigger than those of the microglia cells (Mcell). The
effective indentation modulus measured on the surface of NPs-
engulfed cells (Mcell+NPs) in which NPs agglomerates are buried
under a layer of cellular matrix with thickness t can be evaluated
as

1
Mcell+NPs

=
1

Mcell
(1− exp(−αt/a)) (1)

in which a is the radius of the contact area between the tip and the
sample and α in a geometry-related parameter58. In order to ob-
tain a rough estimation of t from data reported in Tab. 1, exploit-
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Fig. 5 (a) CRF map and (b) detail of a microglia cell detail engulfed
with NPs.

ing the proportionality between the evaluated contact stiffness k∗

and the sample indentation modulus, we assumed a flat contact
between the tip and the sample with radius a= 200 nm, estimated
by scanning electron microscopy analysis, and α = 0.558. Thus,
Eq. (1) allows us to estimate that the agglomerates of NPs are
approximately located at t = 100 nm under the sample surfaces.
Even though these preliminary results do not provide the exact
location of the nanoparticles, they demonstrate the feasibility of
our approach for the detection of buried objects underneath the
surface.
In conclusion, by detecting Fe3O4 NPs agglomerates into mi-
croglia cells, we demonstrated that CR-AFM can be a suitable
technique for the subsurface imaging of stiff nanomaterials buried
into biological samples. Although the resolution of the technique
must be improved, CR-AFM is a promising tool for studying the
fate of NPs into biological tissues.
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